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Abstract 

 Current approaches in biomaterial development require a series of in vitro and in vivo assays to 

identify and optimize candidate materials. Current in vitro assays have low labor requirements and are 

relatively cheap compared to in vivo studies but fail to recapitulate the host response. Alternatively, in 

vivo models do not provide a wide array of analytical tools, and are labor intensive. Therefore, a gap 

exists for a model that retains the low labor requirements and cost of in vitro assays, while allowing 

researchers the ability to observe a true host-biomaterial interaction. Zebrafish have the potential to 

provide such a model due to their naturally transparency, high fecundity that enables a single female to 

produce upwards of a hundred eggs a week, and the wide array of transgenic strains.  

 After establishment of a colony at Queen’s University, microinjection techniques were developed 

to assess the feasibility of using zebrafish as a model for host-biomaterial interaction using poly(styrene) 

and poly(ethylene) microparticles with diameters of 10, 25, and 50 µm. Implantation success and 

retention rates were examined, as well as zebrafish mortality rates out to 30 days post injection (dpi). 

Successful implantation rates were measured at 33%, 17%, and 12% for 10, 25, and 50 µm 

microparticles, respectively. Retention rates were identical for 10 and 25 µm microparticles at 78%, but 

implant retention was 11% for 50 µm microparticles. Furthermore, 10 µm microparticles injected with 20 

µm bore needles showed no difference in survival from controls. However, 25 µm implants with 50 µm 

bore sizes, and 50 µm implants with 100 µm bore sizes both showed a reduction in viability post injection 

in zebrafish compared to tricaine controls. Based on these preliminary results, zebrafish embryos tolerate 

implants ranging from 10 – 25 µm in diameter, while 50 µm was deemed too large for the embryo. 

Further refinement of techniques is anticipated to improve success and retention rates. 

 Histology techniques were developed for use with 3 – 5 mm zebrafish larvae. By embedding 

tissues in an agar array and reducing fixation times to 2 hours, improvements were observed in tissue 

cohesion. Additionally, the agar matrix provides a well-organized structure, which lends itself to 

improved efficiency for future work.  
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Chapter 1 

Introduction 

The National Institute of Health defines a biomaterial as “any substance other than a 

drug, natural or synthetic, that evaluates, treats, augments, or replaces any tissue, organ, 

and body function” [1]. With an increasing understanding of polymer chemistry and 

biology, novel biomaterials are being developed with highly tunable properties that can 

mimic natural tissues, respond to stimuli, and interact with the patient’s body by 

enhancing the natural healing response [2-4]. However, prior to implantation in humans, 

extensive testing is required to assure efficacy and safety of new materials. Material 

performance in vivo and the host response to the material are critical factors in this 

testing.  

Currently, initial material development occurs in vitro, during which cell-based assays 

are frequently used to assess material biocompatibility, and certain application-specific 

cell-material interactions. These cellular assays often occur in 2D, monolayer cultures 

within simplistic and relatively controlled microenvironments [5, 6]. Generally, these in 

vitro assays examine one or two cell types simultaneously, and examples of standard 

assays include cell viability, adhesion and proliferation on material substrates, or the 

effect of these cells on the biomaterial itself [6-8]. Cell-based assays may also look at 

application-dependent outcomes, including changes in gene or protein expression, cell 

differentiation, or enhanced growth of specific cell lines [5, 6, 9].   
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While in vitro assays are often cheaper and faster compared to their in vivo counterparts, 

there are inherent limitations in the ability of these assays to mimic the in vivo host 

response. Upon implantation, materials are exposed to a complex and dynamic 

environment that consists of extracellular matrix and complex biological fluids that 

contain a multitude of proteins, lipids, and enzymes, and multiple cell populations that 

range from fibroblasts and other tissue resident cells to circulating cells of the innate 

immune system [10, 11].  Furthermore, the in vivo environment itself is often hostile, 

containing elements that can degrade the material [12, 13]. This can affect the stability of 

the material, and cause deviations from expected degradation rates observed in vitro [10, 

12]. Materials are evaluated to ensure that they perform their desired role effectively 

within the in vivo environment, in an application-dependent manner. For example, 

molecule-eluting devices can be implanted subcutaneously to determine release rates, or 

bone replacements can be tested in critical bone defect models for their ability to 

regenerate bones [14-16]. One critical biological response, in the context of biomaterials 

research, is foreign body reaction (FBR) [10].  The FBR is characterized by a chronic 

inflammatory response at the tissue-material interface that often leads to the eventual 

fibrotic encapsulation of the offending material [17]. The FBR is a critical factor in the 

overall performance of a material (or associated device) and may vary in a material and 

application dependent way [10, 12]. The FBR is a complex series of events involving 

multiple cell types and a dynamic environment, in vitro cell assays cannot accurately 

recapitulate or predict the host response to the implanted material [17, 18]. Therefore, in 

vivo assays offer insight into how a material would be expected to interact with a human 

host.  
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Current in vivo assays have significant limitations in the analytical tools available [19]. 

Typically, analysis of the FBR in rodent models requires end-point methods, such as 

histology or immunohistochemical staining [16, 20]. Due to the nature of endpoint 

analysis, time points are often selected prior to the beginning of the trial, which can cause 

researchers to miss key interactions between the host and material [13, 14, 21]. 

Furthermore, the number of time points are often limited due to cost, statistical power 

requirements, and ethical considerations to reduce the number of animals being used [6, 

22, 23]. Finally, proper maintenance of the experimental animals can become expensive 

during long term trials, and the analytical tools themselves are often significantly more 

expensive than in vitro assays [24]. Recent advances in technology, such as intravital 

imaging and bioluminescence, do provide the potential for real-time analysis, however 

these new methods are technically challenging and expensive [19, 22]. Thus, there exists 

a gap between in vitro and in vivo assays, and new experimental models are needed that 

retain the complex host microenvironment, while reducing the cost and labour 

requirements associated with current mammalian animal models.  

Zebrafish can offer an intermediate stage between in vitro testing and current small 

mammalian in vivo models. Zebrafish are vertebrate, jawed fish with a developed innate 

immune response that closely resembles that of mammals [25-27].  Key cell types for 

host-material immunological interaction, such as neutrophils and macrophages, have 

been identified and are well-characterized in the zebrafish [28]. However, unlike 

mammalian models, the zebrafish is conducive to real-time non-invasive imaging of the 

host-material interaction [29, 30]. The use of standard fluorescence microscopy with 

minimal specimen manipulation is possible due to the zebrafish’s natural optical 
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transparency at early stages of development [31]. Using transgenic fluorescent reporter 

strains, cell populations of interest can be observed using fluorescence microscopy [30, 

32]. After hatching from their chorion approximately 3 days post fertilization (dpf), the 

transparent embryos have easily distinguishable anatomical features, including a head 

with prominent eyes, main body cavity, trunk and yolk sac, which makes targeted implant 

placement feasible (Figure 1.1). However, at these early time points, zebrafish are only 

an average of 4 mm long, and typically no more than 300 µm thick in the trunk. These 

small sizes require the use of microscale techniques to perform biomaterial host 

interaction studies. Additionally, transgenic strains developed that lack pigment-

producing cells, such as melanophores [33]. Compared to rodents, zebrafish have reduced 

maintenance requirements, with automated systems available to control water quality and 

perform feedings [34]. Additionally, zebrafish are a highly fecund species, with a single 

breeding event providing upwards of 100 viable embryos. [34]. 

 
Figure 1.1: A 3 dpf zebrafish embryo. While the eyes are opaque, the remainder of the 

embryo retains transparency until reaching 20 dpf, at the juvenile stage.  

1000 µm 
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The zebrafish has proven to be genetically tractable, with numerous transgenic strains 

available for examination of desired features, such as cell-specific labeling [35]. Despite 

these numerous advantages, there has been limited translation of this model into the 

biomaterials field, with only recent preliminary work performed. Preliminary studies 

were recently published on the acute inflammatory response to polymeric microparticles 

of varying sizes in zebrafish embryos [30, 32]. Additionally, initial work has been 

performed examining the adult zebrafish biomaterial host interaction [32]. However, 

these reports are very preliminary and to fully develop the zebrafish as a model for 

biomaterial research, a more robust approach to model development is necessary. 

1.1 Thesis Scope and Specific Aims 

The goal of this thesis was to develop a platform for the implantation and analysis of 

biomaterials in zebrafish embryos. This scope can be broken down into three specific 

aims.  

Specific Aim 1: Establish a functional zebrafish colony at Queen’s University, populated 

by both wild-type and transgenic strains. 

Specific Aim 2: Establish experimental parameters for the injections of individual 

microparticles in zebrafish embryos, based on microparticle size and developmental stage 

of zebrafish.  

Specific Aim 3: Develop a protocol for histological analysis of biomaterial host response 

in zebrafish embryos. 
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1.2 Approach  

The first step in developing a biomaterial implant model in zebrafish embryos was 

procuring an initial set of breeding zebrafish adults, and establishing appropriate breeding 

protocols to begin a Queen’s University zebrafish colony. After establishment of a colony 

that provided a consistent source of embryos, a strategy for implanting microparticles 

was developed. The microinjection technique was selected as it is frequently used to 

introduce molecules, cells, bacteria and other material into zebrafish embryos [32, 36, 

37]. However, microinjection is generally used for injecting aqueous solutions and 

suspensions. Therefore, refinement of traditional microinjection techniques to enable the 

aspirating and injecting of solid microparticles was required.  

Microinjections can be performed using either manual or pneumatic injectors. While 

pneumatic injectors provide precise control of the injection volume, microparticle settling 

within the needle tip can cause significant variations in the number of microparticles 

injected over time. With the goal of developing a robust and reproducible model, control 

over the number of microparticles injected in each embryo was considered to be an 

important criterion, as the number of microparticles implanted can modify the host 

response by increasing the surface area available for mediating cell-material interaction 

[5]. Conversely, manual microinjectors enable a user to implant a specific number of 

implants because microparticles are manually selected, aspirated, and injected. As 

examining the host-biomaterial model is the goal of this research, maintaining a 

consistent biomaterial volume and surface area within the embryo is paramount. As part 

of this development different sized microparticles were examined, ranging from 10 to 50 

µm in diameter. In addition to the varying microparticle size, corresponding microneedle 
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adjustments were made. For each condition, implantation success, retention, and 

zebrafish viability was assessed.  

While a major strength of the zebrafish model is its optical transparency, histology 

remains an essential tool for is still needed for analyzing tissue response to an implanted 

biomaterial in wild-type in vivo models. Early in model development, it became very 

apparent that histological analysis of zebrafish embryos would present a significant 

technical challenge due to the embryo size and delicate nature of the embryonic tissues. 

Consequently, histology protocols were established for analyzing the tissue of this model.  
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Chapter 2 

Literature Review 

2.1 Biomaterial Host Response in Mammals 

Biomaterials have a broad array of applications, including tissue engineering scaffolds, 

drug delivery devices, or cell therapy treatments [6, 16, 38, 39]. While the intended 

application for a given material requires different testing conditions to ensure its use in a 

given area of the body is appropriate, such as drug release rates, or mechanical testing, 

the biomaterial host response must be evaluated for both established and novel materials, 

regardless of the application. The host-biomaterial interaction plays a critical role in the 

development of materials, because it often determines how well the host tissue will 

integrate with the biomaterial. In applications such as bio-monitoring or drug delivery 

there needs to be a high level of integration for the material to be effective, as the 

development of a fibrous capsule may interfere with the sensitivity of sensors or release 

rates of large molecules [40, 41]. This biomaterial host response can be compared to an 

aberrant wound healing response, in which the presence of a biomaterial interferes with 

normal progression of wound healing.  

2.1.1 Wound Healing 

Normal wound healing is traditionally organized into four overlapping stages: 

hemostasis, inflammation, granulation, and remodeling [42]. The first stage in the wound 

healing cascade is hemostasis, in which blood vessels that were damaged upon injury are 

plugged to prevent further blood loss [43]. Upon injury to a tissue, such as in surgical 

procedures, a cascade occurs in which platelets present in the blood stream bind together 



 

9 

 

at the wound site while secreting coagulation factors that promote the formation of a 

fibrin-rich blood clot [43, 44]. This fibrin-rich clot acts as both a barrier to prevent further 

blood loss, but also as a provisional matrix for leukocytes, fibroblasts and endothelial 

cells that participate in later stages of wound healing. Furthermore, the platelets within 

the clot secrete various factors, including transforming growth factor (TGF)-β1 and 

platelet derived growth factor (PDGF), that recruit cells from the surrounding tissue and 

vasculature to the wound site [42].  

After hemostasis is restored, inflammation begins and neutrophils, monocytes, and 

macrophages begin invading the wound site [21]. During the acute inflammatory 

response, neutrophils rapidly accumulate within the wound to become the predominant 

cell population [10]. Neutrophils begin clearing the wound site of dead cells, debris and 

pathogens by phagocytosis [42]. After phagocytosing dead cells and debris, neutrophils 

will typically undergo apoptosis or migrate away from the wound site [42]. As the 

neutrophil population begins to decrease, monocytes reach the wound site and 

differentiate into classically activated macrophages [45]. Pro-inflammatory, or M1 type, 

macrophages secrete pro-inflammatory signals such as tumor necrosis factor alpha (TNF-

α) and interferon gamma (IFN-γ) [46]. These pro-inflammatory macrophages persist at 

the wound site, enhancing phagocytosis and secretion of reactive oxygen species (ROS), 

such as hydrogen peroxide and superoxide anion [46].  As M1 macrophages continue 

secreting pro-inflammatory signals, they also begin secreting inflammation resolving 

factors such as TGF-β1 and vascular endothelial growth factor (VEGF) (Figure 2.1) [42]. 

As the inflammatory stimuli are cleared from the wound site, the predominant 

macrophage phenotype switches from a M1 phenotype to an M2, or pro-wound healing, 
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phenotype due to secretion of factors such as interleukin 4 and 13 (IL-4, IL-13) [47, 48]. 

The duration of the inflammatory phase will vary, depending on the severity of the 

wound, but generally begins to resolve within 2 – 4 days.  

 
Figure 2.1: The typical inflammatory environment in a wound bed during early wound 

healing, with denoted cells types and secreted factors thought to be needed for the wound 

healing process. As platelets continue secreting factors to recruit cell populations, such as 

fibroblasts, M1 macrophages are secreting both pro-inflammatory and growth factors, such 

as TNF-α, and TGF-β. During this phase, early blood vessel formation is occurring due to 

secretion of VEGF. Additionally, fibroblasts are recruited with secreted FGF, fibroblast 

growth factor. Reproduced with permission from Singer and Clark, 1999 [42], Copyright 

Massachusetts Medical Society. 

As inflammation begins to resolve, M2 macrophages cease secreting macrophage 

recruitment factors in large quantities and begin to secrete factors that promote the 

subsequent stage of wound healing [42]. These factors include VEGF, TGF-α, TGF-β1, 

and PDGF, which recruit fibroblasts, and endothelial cells from the surrounding tissue 

[42]. The transition from the inflammatory phase to granulation (or tissue formation) is 
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marked by a reduction in macrophages within the wound, and the infiltration of 

fibroblasts that begin replacing the fibrin-rich provisional matrix with a collagen-rich 

granulation tissue [42]. 

During granulation, macrophages continue to provide a source of growth factors with the 

purpose of stimulating tissue formation and vascularization of the wound bed [42]. In 

response to secreted growth factors, such as fibroblast growth factor (FGF), and TGF-β1, 

fibroblasts begin secreting a collagen-rich matrix or granulation tissue. Additionally, 

fibroblasts begin stimulating the growth of surrounding cell populations, such as 

keratinocytes in a skin wound, by secreting keratinocyte growth factor (KGF) [42]. 

Endothelial cells sprout from surrounding blood vessels in a process called angiogenesis, 

in response to the increased cellular burden within the wound and angiogenic growth 

factors secreted by macrophages, including VEGF, PDGF, and FGF-2 [4, 38]. These new 

blood vessels form an immature vascular network in the wound bed and provide the 

required nutrients to support the high metabolic demand of wound healing [49]. The 

granulation tissue deposited by fibroblasts act as a matrix, in which cells can grow, 

restoring the tissue to a non-injured state (Figure 2.2) [42]. It is during this phase that re-

epithelization occurs, which is stimulated by secreted growth factors such as KGF, 

among others [48]. The hyperproliferating keratinocytes at the wound edge begin to 

migrate from the outer edges of the wound bed inward, restoring the epithelial integrity 

of the skin [16]. The leading edge of the migrating keratinocytes bisects the fibrin clot 

from the underlying granulation tissue, and the fibrin clot is sloughed off as the eschar (or 

scab) in external wounds, or degraded and phagocytosed in internal wounds [27, 50]. It is 

during this phase that macrophages present at the wound site begin to decrease, and 
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fibroblasts begin secreting growth factors and enzymes meant to degrade the provisionary 

clot on the surface of the wound [42, 50]. Towards the end of the proliferation stage, 

fibroblasts and myofibroblasts begin remodeling the tissue. 

 
Figure 2.2: A schematic representation of the granulation phase of wound healing. 

Fibroblasts deposit a collage-rich matrix and secrete various factors, such as 

metalloproteinases (MMP) to promote the degradation of the fibrin clot. Endothelial cells 

migrating into the wound bed to establish an immature vascular network to support tissue 

repair. Reprinted with permission from Singer and Clark, 1999 [42], Copyright 

Massachusetts Medical Society. 

Remodeling can take weeks to months to complete [42]. As the granulation tissue and re-

epithelization expands to cover the wound site, fibroblasts begin differentiating into 

myofibroblasts in response to TGF-β and other factors [42]. Myofibroblasts are a 

contractile cell population that contracts and reorganize the granulation tissue, while 

continuing to secreting extracellular matrix (ECM) components such as collagen [51]. 

Overtime, the cell density within the granulation tissue decreases as the matrix is 

remodeled, and the immature vascular network established during granulation regresses. 
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The resulting tissue is a relatively acellular, avascular scar tissue [42]. The contractile 

forces on the wound site reduce the granulation tissue size by as much as 40%, and 

increases the strength of the new tissue [51]. While wound healing results in tissue repair, 

the complete structure and function of the original, native tissue is rarely regenerated [27, 

52].   

2.1.2 Foreign Body Reaction 

Chronic inflammation in humans occurs when the inflammatory phase persists. This 

extension can be caused by several factors, including pre-existing conditions hindering 

the immune response, such as diabetes, or the presence of a foreign body, such as a 

biomaterial, within the tissue [21]. In the instance of a foreign body, the host will exhibit 

the foreign body reaction (FBR) (Figure 2.3). Upon implantation, biomaterial surfaces 

become immediately covered in a layer of proteins that present epitopes that signal 

damage to investigating neutrophils and macrophages, as well as providing integrin 

binding sites for adhesion [53, 54]. As neutrophils begin clearing the implant site of 

damaged tissue, macrophages reach the surface of the biomaterial and attempt to 

phagocytose the implant. However, macrophages are typically unable to directly 

phagocytose anything larger than 10 µm, and most implants are larger than this [55]. 

As inflammation persists, macrophages continue secretion of ROS such as hydrogen 

peroxide or superoxide anion, to break down the biomaterial [10]. In addition to breaking 

down the biomaterial, the secreted ROS also damage the surrounding tissue and 

perpetuate inflammatory responses [10, 13]. If the biomaterial is unable to be degraded 

and removed, macrophages will undergo frustrated phagocytosis and fusion to form 

multinucleated, foreign body giant cells (FBGC) [56]. In addition to continuing to secrete 
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a range of degradative enzymes and reactive oxygen species at the material interface, 

adherent macrophages and FBGC also release signaling factors to recruit fibroblasts to 

deposit a fibrous capsule around the implant [17].  

 
Figure 2.3: The foreign body reaction to an implanted biomaterial. The FBR is initiated by 

protein adsorption on the material surface, followed by the interrogation of these proteins 

by integrins on the surface of neutrophils and macrophages. Once inflammation has begun 

macrophages attempt to degrade the surface of the biomaterial. When the macrophages are 

unable to remove the biomaterial, frustrated phagocytosis occurs and macrophages begin 

fusing into foreign body giant cells (FBGCs). Ultimately, as macrophage and FBGCs 

continue secreting degrading enzymes, fibroblasts secrete an acellular, avascular matrix 

around the implant.  Reprinted with permission from Grainger, 2013 [54]. 

This fibrous capsule has low vascularization and acts as a barrier, preventing interaction 

of the biomaterial with the host. Furthermore, the thickness of the resulting fibrous 

capsule can vary depending on several factors, including the implant size, chemistry, and 

surface topography [14, 17, 20, 57-59]. For instance, microfibers of poly(l-lactic acid) 

implanted subcutaneously for 5 weeks in rats developed a significantly thicker capsule (p 

< 0.05) than microfibers of the same diameter made of poly(urethane) [58]. Furthermore, 
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increasing fiber diameter was demonstrated to increase the resulting fibrous capsule 

thickness across all polymer types [58, 59].   

In vivo characterization of FBR is done by examining the surfaces of implanted 

biomaterials, typically using histological or immunohistochemical techniques [10, 11]. 

Furthermore, degradation products and chemical species can be detected through various 

techniques, such as spectrophotometry and ELISA assays) of the explanted material [9, 

60]. Staining can be done on target molecules to examine general cellular infiltration of 

key cell populations such as neutrophils (CD11b), macrophages (CD68), endothelial cells 

(CD31 and CD34), and myofibroblasts (smooth muscle actin), in a chronic wound [61-

64]. Additionally, angiogenesis can be monitored indirectly via endothelial cell growth 

and vessel formation [63]. Furthermore, tissue staining can be performed for matrix 

proteins, such as collagen, to quantify fibrous capsule thickness. These stains include 

hematoxylin and eosin (H&E), and Masson’s trichrome [65, 66]. These traditional 

methods only offer snapshots of a complex and dynamic process, which can cause 

problems for identifying and evaluating the full process of the FBR. This type of end-

point analysis may result in key events being missed within the FBR due to pre-

determined observation time-points. Conversely, real-time or time-lapse imaging enables 

the observation of the biological process in its entirety, and avoids the risk of missing a 

key observation or event that falls outside of a pre-selected end-point. 

Imaging techniques have been developed that allow for real time imaging of the chronic 

wounds in rodents, such as window models and intravital imaging (Figure 2.4) [22]. 

However, these real- time models do have limitations. Window chamber models can 
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interfere with the host response due to the surgical requirements for producing the 

window chamber itself [19]. 

 
Figure 2.4: A) Photograph of dorsal skinfold chamber of Syrian golden hamsters, 

containing striated muscle and skin and allowing for repeated analysis of the 

microcirculation in an awaken hamster for two weeks. (B, C, D) Representative intravital 

fluorescence microscopy image of the microcirculation under an implant 15 days after 

implantation at 20x magnification. Reprinted with permission from Damestani et al., 2016 

[22]. 

By causing tissue damage around the implant site, the host response can be modified, 

making material specific responses difficult to determine [19]. Additionally, intravital 

imaging does not allow the tracking of cells in situ. However, alterative animal models do 

exist that can be imaged using fluorescent microscopy without such limitations. One such 

model is the zebrafish, which is the focus of this thesis. 

2.2 Zebrafish as an Animal Model 

Danio rerio, or zebrafish have been used as a comparative model of embryogenesis for 

over 100 years, due to their external fertilization and transparent appearance of the 
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chorion and embryo during early development [26]. These features make identification of 

developing structures vastly simplified compared to mammalian models. Their external 

fertilization also made genetic manipulation and development of new zebrafish strains 

possible, providing a powerful tool for developmental biologists. In the mid-1970’s, their 

genetic tractability was first demonstrated with the development of new reporter strains 

of zebrafish that were used to identify specific cell types, such as neutrophils and 

macrophages [35, 67]. Since this time, zebrafish have been explored as a model for a 

wide range of scientific fields, from social behavior to infectious diseases [68, 69]. 

2.2.1 Zebrafish Biology and Development 

Zebrafish are class of teleost, or jawed, fish [70].  As teleosts and humans separated 

evolutionarily from one another roughly 450 million years ago, there are significant 

differences in the developmental cycle, size and morphology between zebrafish and 

mammals [70]. Zebrafish have four distinct stages of development, beginning with the 

embryo, and proceeding to larvae, juvenile, and finally adult  [31, 71]. Eggs are laid in 

clutches of upwards of 100 per female, and are fertilized ex vivo. Fertilized eggs have a 

shell-like chorion that surrounds the embryo, which consists of a yolk sac and cluster of 

developing cells (Figure 2.5) [31]. Eggs are spherical, and are typically 0.5 - 1 mm in 

diameter [31]. Embryos hatch from their chorions two to three days post fertilization 

(dpf) [31].  At this stage, embryos are 2 to 3 mm in length, and have a functional 

cardiovascular system [31]. The innate branch of the immune system, including 

neutrophils and macrophages, is also functional by 3 dpf [31]. The larval stage of 

zebrafish develop begins at 5 dpf, when embryos are roughly 5 mm in length, and require 
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an external food source as the yolk sac is depleted [72]. At this age, pigmentation in wild-

type zebrafish begins to develop, as well as scales [31, 73].  

 
Figure 2.5: Developmental stages of the zebrafish development. 1 hour post fertilization 

(hpf), the egg is fertilized and is classified as a blastula. By 48 hpf, the embryo has a defined 

head, trunk and yolk sac. The zebrafish reaches adulthood at 3 months post fertilization. At 

this stage, zebrafish are no longer transparent and have a fully developed scale system. 

Reprinted with permission from Holtzman et al., 2016 [74]. 

By 15 dpf, zebrafish larvae are now fully reliant on external food sources, and their 

gastro intestinal tract has fully developed to replace the yolk sac [70]. Scales have 

developed, and pigmentation has reduced transparency. At 30 dpf, the zebrafish are 

considered juveniles, with fully functional organ systems, colored scales and are 

approximately 10 mm long [71]. The adaptive immune system begins developing at this 

time and is fully functional by 6 weeks post fertilization[69]. Zebrafish enter adulthood 

and are sexually mature at 90 dpf, at which point females begin continuously producing 

eggs, and can produce clutches once a week [34]. Adult zebrafish have a final length of 
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roughly 25 mm, and remain in an ideal breeding stage until 18 months of age, when 

females begin decreasing egg production [70]. In captivity, zebrafish have an average life 

span of 3.5 years [70]. 

Identification of genetic mutations and direct genetic manipulation of the wild-type 

zebrafish have led to the generation of a rich library of mutant, knock-out and reporter 

zebrafish strains [75]. An extremely useful transgenic model is the Casper strain, which 

lacks both melanocytes, which provide pigmentation, and reflective iridophores, 

responsible for the reflective properties of scales [33]. The loss of melanocytes is 

attributed to mutation in the mitfa gene, and the loss of reflective iridophores is attributed 

to a mutation in the tra gene [33, 76]. The lack of pigmentation throughout the life-span 

of the zebrafish allows the long-term observation of development of sexual organs and 

other, late stage phenomena [33]. It is frequently used as a background strain for 

transgenic reporter strains, that express fluorescent proteins, such as green fluorescent 

protein (GFP) or mCherry, under a specific promoter. This enables tracking of specific 

cell populations, including neutrophils and macrophages [35, 77], or the expression 

pattern of specific proteins, such as liver-type fatty acid binding protein [78]. There is a 

wide array of knockouts and reporter lines available to allow researchers to target specific 

interactions within the zebrafish, and provide more tools than other common in vivo 

models. 

2.2.2 The Zebrafish Immune System 

The zebrafish innate immune system contains many of the key cell populations associated 

with the host-biomaterial interaction in humans, including monocytes, macrophages, and 

neutrophils [79]. Furthermore, these cell types have been identified as having similar 
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functions to their mammalian counterparts [77]. However, there are differences in the 

organization and development of the zebrafish and mammalian immune systems [79]. For 

example, the zebrafish lymphatic system does not include lymph nodes, although the 

lymphatic vessels and spleen, a secondary lymphatic organ, are present [79].  

 
Figure 2.6: Hematopoiesis in adult zebrafish kidney and morphological comparison of 

human and zebrafish blood cells. a) Adult zebrafish, male (2.5cm in length). b) Para-sagittal 

section of an adult zebrafish stained with hematoxylin and eosin, with outline of head 

kidney in black. c) Higher magnification view of head kidney showing mesonephric tubules 

(PT) surrounded by small blue- and red- stained hematopoietic cells (white asterisk). d) 

Comparison of human and zebrafish mature peripheral blood cells stained with Wright 

Giemsa. Reprinted with permission from Davidson and Zon, 2004 [79]. 

Additionally, the site of hematopoiesis differs between zebrafish and mammals. The 

hematopoietic stem cell population, which gives rise to neutrophils, monocytes and all 

other blood cells, resides in the bone marrow in mammalian species [80]. Conversely in 

zebrafish, the hematopoiesis occurs in the “head kidneys”, a structure located dorsally to 

the gastro-intestinal tract (Figure 2.6) [79]. 

A critical feature of the zebrafish immune system, given the scope of this thesis, is the 

temporal delay between the development of the innate and adaptive branches of the 
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immune system. The zebrafish embryo begins expressing functional innate immune cells, 

including monocytes, macrophages and neutrophils, by 2 days post fertilization [77]. 

Whereas the adaptive immune system, characterized by the presence of T and B 

lymphocytes, does not become fully functional until 4-6 weeks post fertilization [36]. 

This large temporal delay in the development of the adaptive immune systems provides a 

window in which the innate immune responses can be examined in isolation, without 

requiring the genetic manipulation of the wildtype fish that can introduce unintended off-

target effects. However, as crosstalk between adaptive and innate immune systems are 

known to effect inflammatory responses, including host-biomaterial interactions, the 

absence of an adaptive arm of the immune system is an important consideration when 

using zebrafish as a comparative model [11]. Despite these differences, zebrafish are 

widely used to study innate and adaptive immune responses, hematopoiesis and 

hematopoietic stem cell transplants [29, 65, 81] 

2.2.3 Zebrafish as a Model of Wound Healing and Microbial Infection 

Zebrafish have been used extensively as a disease progression model due to analogous 

diseases shared with humans [36, 66, 82, 83]. Most notably is the similar progression of 

mycobacterium marinum in zebrafish and mycobacterium tuberculosis in humans. Both 

diseases target innate immune cells, specifically macrophages, as their primary 

replication site [29, 69]. Once infection has occurred, both M. marinum and M. 

tuberculosis begin rapidly replicating and causing massive damage to surrounding tissues 

[69, 82].  In zebrafish, this can rapidly lead to death, and this response is enhanced if 

infection at the embryonic stage [29]. This progression is similar to humans, in which M. 

tuberculosis is phagocytosed by alveolar macrophages, but continues to proliferate 
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intracellularly [84]. Furthermore, in both diseases, the host produces granulomas to 

isolate the infected macrophages [29, 85]. 

In addition to insights gained from bacterial replication and disease progression, zebrafish 

bacteria can be treated with novel drugs for their human counterparts [82]. Due to the 

transparent nature of zebrafish, this model allows direct monitoring of bacterial infection 

and drug efficacy using microscopy in real-time (Figure 2.7) [82].  

 
Figure 2.7: A) A confocal z-stack of a 6-day old whole larva (fli1-eGFP with gfp-labelled 

vasculature) showing spread of bacteria (red) throughout the body. Scale bar is 250 µm. B) 

Confocal z-stack of red-fluorescent bacteria co-localizing with green fluorescent leukocytes 

detected by L-plastin immunostaining. Scale bar is 25 µm. C) Digital zoom of bacteria-

containing leukocyte depicted in B by straight arrow. Scale bar is 10 µm. D) Digital zoom of 

bacteria-containing leukocyte depicted in B by arrowhead. Scale bar is 10 µm. Reprinted 

with permission from Carvalho et al., 2011 [82]. 

The high fecundity of zebrafish allows trials to be carried out with high-throughput 

testing [82]. The possibility of high-throughput testing has led to the development of 

several micro- and milli-scale devices that enable rapid capture, infection, and treatment 

of disease, with rates of over 1000 animals every hour (Figure 2.8) [82]. By developing 

these high throughput testing platforms for zebrafish, researchers will be able to generate 

trials that will mimic population wide responses, or perform parallel testing multiple drug 

candidates or potential toxins [69, 82, 86-88]. Furthermore, these trials will not be limited 
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to end-point analysis, as developing technology enables real time progression of diseases 

and infection using fluorescence tracking of individual cell populations [82]. The ability 

to perform high-throughput, real time analysis will further increase the power of each 

trial. 

 
Figure 2.8: The workflow of high-throughput infection of zebrafish embryos and 

subsequent drug testing. a) Fertilized eggs are harvested, washed and distributed on 

injection plate. b) Inoculum is injected in early stage embryos (up to the 1024 cell stage). c) 

Injected embryos are dispensed into appropriate containers and drug screens take place 

between 3 and 6 dpi. D) Groups of treated and untreated embryos are separately screened 

using complex object parametric analysis during (when appropriate) and after drug 

exposure. Reprinted with permission from Carvalho et al., 2011 [82]. 

2.3 Zebrafish as a Model of Biomaterial Host Responses 

Until 2017, zebrafish had received very little interest as an animal model in the 

biomaterials field. However, two recent publications have begun examining the zebrafish 

as a model for host-biomaterial interaction at both the adult and embryo stage [30, 32]. In 

adult zebrafish, hallmarks of a chronic inflammatory response to an implanted 

poly(ethylene) suture has been observed over the course of 21 days [32]. The host 

response was characterized using histological analysis of the implant sites using 

Masson’s trichrome to determine collagen capsule thickness (Figure 2.9g-k) [32]. 

Additionally, the accumulation of leukocytes, identified by the pan-leukocyte marker L-
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plastin, at the implant site was also examined as a measure of the inflammatory response 

to the suture (Figure 2.9l-p) [25, 32].  

 
Figure 2.9: Suture implantation in adult zebrafish, collagen deposition and innate immune 

cell tracking over 21 dpf. (G-K) Masson's trichrome staining to examine collagen deposition 

around implant (circled in black dotted line) over 21 days. (L-P) L-plastin and a nuclear 

DAPI staining to examine presence of innate immune cells over 21 days post implantation 

with implant within the circled area with a white dotted line. Scale bars are 30 µm. 

Reprinted with permission from Witherel et al., 2017 [32], copyright American Chemical 

Society. 

An increased presence of L-plastin-positive cells, compared to sham controls, was 

observed at the surface of the implant for the duration of the 21 day study, indicating the 

suture elicited a chronic inflammatory response [14, 17, 89]. Furthermore, collagen 

deposition occurred over the course of 21 days, and increased in thickness over this time 

period [32]. The sustained leukocyte presence and fibrous capsule deposition at the suture 

surface suggests that the adult zebrafish exhibits a chronic inflammatory response like the 

foreign body reaction observed in mammals [10].  

Examination of the embryonic immune response has also yielded promising results for 

modeling an acute host-biomaterial interaction, as seen in Figure 2.10 [32]. However, the 

results from the two studies reporting on the acute inflammatory response in embryos are 

somewhat inconsistent [32]. 
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Figure 2.10: Implanted microparticles at 3 days post injection (dpi) at various sizes. The 

transgenic strains used were Tg(mpx: GFP;mpeg1: mCherry) the microparticles are 

poly(styrene) with yellow fluorescent labelling. c, d) Representative images from movies of a 

larval zebrafish implanted with 1 μm polystyrene microparticles. Note that the 

representative image from the 1 μm microparticle group was taken with a triple transgenic 

fish, Tg(f li1: GFP, mpx: GFP, mpeg1: mCherry), in which macrophages are labeled red and 

both neutrophils and endothelial cells are labeled green. e, f) Larval zebrafish implanted 

with 10 μm polystyrene microparticles. g, h) Larval zebrafish implanted with a single 25 μm 

polystyrene microparticle. All images are from zebrafish 3 dpi, represented as a z-stack 

projection of maximum intensity, and scale bars are 50 μm. Reprinted with permission 

from Witherel et al., 2017 [32], copyright American Chemical Society. 

In one study, injections were performed with 1, 10 and 25 µm poly(styrene) (PS) 

microparticles [32]. The number of microparticles injection per embryo variable for both 

1 and 10 µm microparticles, ranging from 40 – 90 microparticles/embryo and 5 – 12 

microparticles/embryo, respectively. A single microparticle implant was injected at the 

25 µm size. Manual cell counts performed post injection determined macrophages and 

neutrophils accumulation around the implant site increased upon implantation by 1 dpi, 

but returned to baseline after 5 dpi [32].. Furthermore, in both the 1 and 10 µm implant 

sizes, an average of 36.5% and 28.1% of microparticles were phagocytosed, respectively 

[32].  

In the study performed by Zhang et al., injections were performed with 10 and 15 µm PS 

microparticles, with some embryos receiving up to eight microparticles in a single 
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injection, however statistics were not reported for this variance [30]. While it was 

observed that neutrophils and macrophages interrogated the surface of the material within 

1 dpi, both cell populations returned to baseline at 4 dpi, with a marked decrease 

occurring at 2 dpi [30]. Furthermore, Zhang et al. used a fixed 100 µm area around the 

injected microparticle, determined by initial injections, to perform cell counts [30]. 

However, Zhang et al. did not report on microparticle migration and phagocytosis of 10 

µm microparticles, as had been observed by Witherel et al. [30, 32]. Furthermore, the 

number of microparticles implanted per embryo was also reported as variable but exact 

ranges were not provided, making a direct comparison between the two studies 

challenging. These differences in methodology could explain the differences observed in 

the macrophage and neutrophil presence over a period of one week. In both studies, the 

early resolution in inflammation to an implant is inconsistent with the persistent presence 

of macrophages observed mammalian responses [9]. However, could be explained by a 

lack of T and B cells [11, 90]. Indeed, the persistence of L-plastin labelled cells and the 

deposition of a collagen capsule in adult zebrafish (Figure 2.9) suggests that adult 

zebrafish are more appropriate for studying chronic inflammation and fibrosis [32].  

Witherel et al. also demonstrated conservation of IL10’s anti-inflammatory nature within 

the zebrafish model [32, 91]. PS microparticles with adsorbed zebrafish IL10 were 

injected into the trunks of zebrafish embryos produced a significant decrease of leukocyte 

numbers at the surface of the microparticle compared to blank microparticle injections 

[32]. The conservation of molecular function and demonstrated response to IL10 delivery 

further highlights the use of zebrafish as an animal model.  
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2.4 Selection of Model Biomaterials 

2.4.1 Model Constraints 

Several constraints were considered when selecting appropriate biomaterials for this 

preliminary work in developing a zebrafish embryo biomaterial implant model. The first 

constraint we considered was what polymer chemistries would provide a simple and 

reproducible material for this proof-of-principle work. Non-biodegradable materials 

offered a simplified host-biomaterial interaction as the material properties would remain 

relatively constant and no degradation products would be produced over the duration of 

the study [18, 89]. Degradation products can alter the pH of the surrounding environment, 

which has been known to effect the immune response [18]. By selecting non-degradable 

materials, the observed response could be attributed to the biomaterial itself. Another 

constraint was implant volume, which was a critical constraint due to minute size of 

zebrafish embryos. An initial microparticle diameter range of 10 – 100 m was selected. 

The upper limit of 100 m was identified, because implants of this size would occupy 

40% of the zebrafish trunk width. The lower limit of 10 m was selected to avoid 

phagocytosis of the implants, which has been observed in zebrafish for microparticles 

under 10 µm in diameter [32]. Finally, to take advantage of the inherent transparency of 

zebrafish embryos, microparticles should be fluorescently labeled to assist in implant 

identification, as well as commercially available to allow the thesis to focus on the 

implant model, rather than material generation, characterization, and purification.  

2.4.2 Biomaterial Selection 

Based on these constraints, two model polymers were chosen: poly(styrene) and 

poly(ethylene). Both polymers are non-degradable, can be tagged with fluorescent labels, 
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and are readily available through commercial suppliers [17, 92]. Importantly, both 

polymers have been studied extensively in mammalian models of host-biomaterial 

interactions, and exhibit a chronic inflammatory response resulting in FBR [13, 17, 92-

94].   

As a biomaterial, poly(styrene) has been examined for its use as a microparticle, drug 

delivery vehicle and is the most prevalent cell culture substrate [17, 32]. Furthermore, it 

has a well characterized and reproducible biomaterial host response that supports the use 

of the material as a testing material for new models [30]. Poly(ethylene) is one of the 

most common polymers used globally [95, 96]. It has been used in several applications 

for biomedical devices, such as a vascular replacement, or drug delivery device [97, 98]. 

By using these well-characterized materials, the host response between species can be 

compared to identify similarities and differences in the innate immune responses to 

implanted materials. This will help validate zebrafish as a model, but will also assist in 

exposing its limitations by highlighting key differences between the host response of 

zebrafish and other models to these well-characterized biomaterials.  

2.4.3 Fluorescent label selection for microparticle 

The proposed zebrafish model aimed to take advantage of fluorescence imaging and 

transgenic zebrafish strains to study material host responses in whole organisms. 

Consequently, the implanted materials required a fluorescent label to enable their 

identification using fluorescence microscopy. In order to easily distinguish the implanted 

material from cells, it is critical that the fluorophore used to label the material has a peak 

emission wavelength that is distinct from the fluorescent proteins used to label cell 

populations of interest in the transgenic zebrafish strains.  
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The transgenics selected for this work contain eGFP labeled macrophages and 

neutrophils. EGFP is a 27 kDa protein that has an excitation wavelength of 488 nm  [99]. 

Upon absorption of a photon at these wavelengths, the protein emits an excited photon at 

509 nm [99]. To prevent fluorescent confounding, two common fluorescent labels were 

chosen that do not emit in this range: 4’,6-diamidino-2-phenylindole (DAPI) and Texas 

Red, which have peak emissions of 461 nm and 615 nm, respectively [100, 101]. The 

differences in emission spectra between these three fluorophores will allow easy 

differentiation upon examination of injected embryos.  

2.5 Summary 

While inflammation is a natural part of the healing process, chronic inflammation and 

FBR are undesirable outcomes for host-material interactions that can impact the 

performance of the material and/or device, or the surrounding tissues [10]. The FBR is 

commonly studied using small animal models, which limits the examination to end-point 

techniques, such as histological or immunohistochemical (IHC) staining [19, 22]. These 

end-point analyses require pre-determined time points, which can result in missing key 

transitions during inflammation. Zebrafish can offer the ability for real time, noninvasive 

investigation of the FBR and how neutrophils, macrophages, and other cell populations 

interact with the biomaterial implants [17, 32]. Preliminary work examining the zebrafish 

as a potential model has yielded promising results, but a more robust platform must be 

developed to establish zebrafish as an accepted model of biomaterial host responses.  

Although beyond the scope of this thesis, a future goal for this biomaterial implant model 

is to provide a quantitative analysis of the inflammatory response to the implanted 

material. To achieve a robust and reproducible model, the effect of microparticle volume, 
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surface area to volume ratio, and number of implanted microparticles must be considered. 

These factors have demonstrated effects on the final fibrous capsule formation and play 

an important role in the FBR [58, 59, 102]. 
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Chapter 3 

Materials and Methods 

3.1 Ethics Statement 

All experiments were approved by the Queen’s University Animal Care Committee 

(Protocol 2015-1523) and followed the Canadian Council on Animal Care guidelines.  

3.2 Zebrafish Husbandry 

3.2.1 Colony Housing and Maintenance 

The Fitzpatrick zebrafish colony was housed on a semi-closed, re-circulating system with 

an automated buffering/monitoring system and biofilter (ZebTEC Active Blue Stand 

Alone System, Tecniplast, Italy). The automated buffering system maintained the water 

quality at the following set points: conductivity of 500 µS/cm, temperature of 28° C and 

pH of 7.0. The conductivity and pH were controlled by automatic dosing pumps that 

added a synthetic salt solution (30 g/L, Instant Ocean® Sea Salt, Virginia, USA) and 

sodium bicarbonate (30 g/L, Fisher Scientific, S233-3, Fisher Scientific, Ontario, 

Canada) as needed. Ammonia levels were controlled by a biofilter containing nitrifying 

bacteria. In addition, ammonia readings were taken daily using an API Ammonia Test Kit 

(Catalog No. API LR8600, Mars Fishcare, New York, USA) to ensure ammonia levels 

were maintained below 2 ppm. Nitrite and nitrate levels were measured once a week 

using an API nitrite and nitrate testing kit (Catalog No. API item #34, Mars Fishcare).  

Static quarantine tanks were used to house adult fish brought into the colony from outside 

of Queen’s University to avoid the potential introduction of pathogens into the main 

colony housed on the recirculating system. Quarantine water ammonia and pH levels 
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were measured daily, as described in 3.2.2. As needed, water quality was maintained by 

performing water exchanges, in which 3.5 L of quarantine tank water was removed and 

replaced with 3.5 L of water taken off the Tecniplast system (referred to as “system 

water”). Adult quarantine fish were fed as described above. Quarantine adults were 

observed for 2 weeks for signs of disease or infection, prior to breeding.  

3.2.2 Adult Breeding Stock 

Tübingen (TU) wildtype zebrafish were procured from the Toronto SickKids Hospital 

(Ciruna colony, Ontario, Canada). Two transgenic strains, Tg(mpx: eGFP) and Tg(mpeg: 

eGFP) with a Casper background, were procured from the Zebrafish Core Facility at the 

University of Dalhousie (Dalhousie colony, Nova Scotia, Canada). Adults were 

maintained in quarantine, as described in 3.2.1, until a sufficient population of in-house 

bred transgenics were obtained, after which quarantined adults were euthanized as 

described in 3.2.4. 

Adult breeding stocks on the Tecniplast recirculating system were housed at a density of 

15-20 fish per 3.5 L aquarium, or 20-30 fish per 8 L tank. Quarantined adults housed in 

the 10 gallon (37.8 L) static tanks were maintained at a lower density of 12-25 fish per 

tank, based on the number of fish received from other facilities and to assist in 

maintaining acceptable water quality.  Colony fish were maintained on a 14-hour light 

cycle and were fed GEMMA 300 (Skretting, Maine, USA) as a total nutritional source 3 

times daily, with rotifer supplements at noon. 
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3.2.3  Embryo Collection and Rearing 

Breeding pairs were set up two hours prior to the beginning of the night cycle. One male 

and one female adult were transferred to a breeding tank containing 5 cm of system 

water. Females were bred no more than once per week. Eggs were collected the following 

morning, 3-4 hours after the beginning of the light cycle, and adults were returned to their 

respective tanks. 

Harvested eggs were collected using a 25 mL serological pipette and a pipette pump 

(Catalog No. Bel-Art™ 13-683D, Fisher Scientific). Eggs were transferred to a 100 x 15 

mm petri dish filled with 20 mL of system water. Using a stereomicroscope, fertilized 

eggs were identified by the presence of a cell cluster within an unblemished chorion 

(Figure 3.1). Unfertilized eggs and surplus embryos were transferred to a 5% Bleach 

solution for 5 minutes prior to disposal as biohazardous waste. 

 
Figure 3.1: An example of fertilized zebrafish egg. The egg was imaged 2 hours post 

fertilization, with the yolk sac and blastula visible within the outer chorion. 

Viable embryos were transferred to a new 100 x 15 mm petri dish filled with 20 mL of 

system water at a maximum density of 20 eggs per petri dish and maintained at 28.5 oC.  

Embryos were checked twice daily and any non-viable embryos were removed, bleached 

(5% bleach solution for 30 minutes) and disposed of as biohazardous waste. By 3 dpf, 

1000 µm 
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embryos had naturally dechorionated. After 5 dpf, embryos were provided Gemma Micro 

75 (Skretting) as an independent food source.  

3.2.4 Zebrafish Euthanasia  

Euthanasia of zebrafish larvae, juveniles, and adults were performed via hypothermic 

shock [34, 103]. Briefly, embryos were deposited into a 5:1 ice to water mixture and left 

at 4 ºC for a minimum of 30 minutes. Death, indicated by a lack of heartbeat, was 

confirmed via microscopy.  

3.3 Microneedle Pulling and Beveling 

Microinjection needles were created by pulling borosilicate capillaries (Catalog No. 

1B100-4, WPI, Florida, USA) using a PUL-1000 4-step needle puller (WPI). A variety of 

pulling programs were developed to produce appropriately shaped needles, as described 

in 4.2.1. Once an appropriate program was identified, pulling parameters were kept 

consistent for all needles used for microinjection, regardless of desired size of 

microparticle to be injected. This was achieved by creating a long taper and a sealed 

needle tip approximately 1 µm in diameter.  

Pulled microneedles were then beveled using a BV-10 beveller, equipped with a 104C 

diamond grinding plate (Sutter Instruments, California, USA). Beveling was necessary to 

create a smooth orifice in the tip of the needles (as opposed to manually breaking the 

needle tip with forceps or razor blade). The desired microneedle orifice was targeted to 

be diameter of twice that of the microparticle size. Briefly, the pulled microneedle was 

set into a needle holder angled at 45 ° off the horizontal. Once set, 5 mL of water was put 

onto the surface of the rotating grinding plate to better visualize the beveling, reduce the 
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chances of airborne debris, and minimize heat generation. The needle was lowered to the 

surface of the water using a coarse adjustment knob. Once the surface of the water was 

broken by the tip of the needle, it was lowered an additional 4 - 6 mm, (Table 3.1) until 

the needle surface is worn away to create the desired orifice diameter. This point was 

observed by water aspiration into the needle, due to the capillary forces caused by the 

rotating beveling stage and the micron scale opening in the needle tip. Once the breaking 

of the tip occurred, the needle was kept at a constant depth for 30 seconds, and was then 

raised from the surface of the water and removed from the needle holder.   

Table 3.1: Beveling depths, measured from the height at which the unbeveled needle tip 

breaks the surface of the water film on the beveling surface, and associated needle orifice 

size used for needles for injections of various microparticles.  

Depth (mm) Orifice Size (µm) 

4 20 

5 50 

6 100 

Beveled needles were flushed with air to remove excess water and debris from the needle 

tip that were collected during the beveling of the microneedle. After flushing, the beveled 

needles were dried at room temperature for a minimum of 24 hours before use.  

3.4 Microparticle Injection in Zebrafish Larvae 

The development of a successful platform for the injection of microparticles into 

zebrafish embryos involved the generation of an injection stage, an anesthetic solution, 

and determination of an appropriate age range for injection. 

3.4.1 Development of Injection Stage 

An injection stage with microparticle reservoir was prepared to position and hold the 

zebrafish embryos for microparticle implantation, as described in Gerlach et al. [104] 
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with slight modification. Briefly, 0.5 g of agar (Cat No. BP1423-500, Fisher Scientific) 

was added to 25 mL of reverse osmosis (RO) water, , and heated in a boiling water bath 

for 5 minutes, or until the agar was completely dissolved.  The lid of a 35 x 10 mm petri 

dish was held down on the bottom of a 100 mm x 15 mm petri dish, and 25 mL of the 2% 

agar solution was slowly poured into the bottom of the larger petri dish (Figure 3.2). 

Once cooled, the agar was covered in 10 mL of RO water to prevent dehydration and the 

larger petri dish was sealed with Parafilm and stored at 4° C until use.  

 
Figure 3.2: An injection stage, with a 35 x10 mm dish acting as microparticle reservoir, for 

positioning anesthetized embryos during microparticle injection. 

3.4.2 Microparticle Preparation  

10 µm diameter poly(styrene) microparticles labeled with 4’,6-Diamidino-2-

Phenylindole, Dihydrochloride (DAPI) were purchased from Thermo Fisher Scientific 

(Cat No. F8829). Microparticles were received in suspension. For injections, the 

suspension was diluted in ultra-pure water (MilliQ ZRXQ003CA, Millipore, Ontario, 

Canada) to a final concentration of 1 vol%. Poly(ethylene) microparticles labeled with 

Texas Red were purchased from Cospheric LLC (California, USA) with nominal 

diameters of 50µm (UVPMS-BR-1.090 45-53 µm, lot 1407107-1) and 25µm (UVPMS-

BR-0.995 22-27 µm, lot 150702-1). Microparticles were received as a dry product. For 
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injections, microparticles were suspended at 10 wt% in ultra-pure water (MilliQ). After 

suspension, microparticles stored at 4 ºC, protected from light, and used over the course 

of 4 months. 

To enhance the hydrophilicity and improve handling of microparticles, bovine serum 

albumin (BSA) (Cat. No. FERB14, Fisher Scientific) was added to the microparticle 

suspensions to a final concentration of 0.1 mg/mL of BSA in the microparticle 

suspension. After addition of BSA, the solution was vortexed for 5 minutes and then 

incubated at 37 ºC for 30 minutes before being stored at 4 ºC. The microparticle 

suspensions with BSA was used over the course of 4 months. Prior to use, all 

microparticle stock suspensions were vortexed for 30 seconds to ensure uniform 

distribution of microparticles. 

All microparticle suspensions were tested for endotoxin contamination prior to injection 

using a LAL Pyrochrome Kit (Cat. No. C1500, Associates of Cape Cod, Massachusetts, 

USA), per the manufacturer’s instructions. Briefly, microparticles were suspended at 10 

wt% in endotoxin-free water (EFW), and incubated at room temperature for 1 hour. The 

supernatant was then collected for endotoxin testing.  A standard curve (2.5 endotoxin 

units (EU)/mL to 0.05 EU/mL in EFW) was prepared. EFW was used as the negative 

control, while a “spike-in” of control standard endotoxin at 0.25 EU/mL into a 

microparticle sample was used as a positive control. 50 µL of each standards, controls 

and samples were added to a 96 well-plate in triplicate. 50 µL of Pyrochrome reagent was 

added to each well, and the plate was covered and incubated at 37° C for 27 minutes. 

After incubation, the Pyrochrome reaction was halted by addition of 25 µL of 50 vol% 

acetic acid in EFW and the optical density was measured at 405 nm. Based on the 
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standard curve, all microparticle suspensions had endotoxin concentrations below 

detectable levels (0.05 EU/mL). 

3.4.3 Preparation of Anesthetic Solution 

Tricaine (Cat. No. A5040, Sigma-Aldrich) was used to anesthetize zebrafish embryos and 

larvae prior to injection. A buffered 25 mg/mL stock solution of tricaine was prepared 

fresh weekly by adding 100 mg tricaine and 0.575 mL 1M Tris Buffer (Cat. No. 

RDD008, Sigma-Aldrich) to 25 mL of RO water. The stock solution was stored in a 

Parafilm-sealed vial at -20 ºC for up to 1 week. A working solution of tricaine (1.05 

mg/mL) was prepared immediately prior to injections by diluting 0.84 mL of 25 mg/mL 

stock solution in 20 mL of system water. This working solution concentration 

anesthetized embryos within 20 seconds of exposure, and recovery of normal nervous 

function was achieved within 10 minutes of removal from the anesthetic solution.  

3.4.4 Microinjection of Zebrafish Larvae 

Microparticle injections were performed under a standard stereomicroscope using an 

Eppendorf Oil/Vario manual microinjector (Eppendorf, Ontario, Canada) and a 3-axis 

manual micromanipulator. An overview of the workflow is provided in Figure 3.3. 

Injection studies were performed with three test groups: a tricaine exposure group, a 

vehicle only injection group, and the microparticle implantation group. For the tricaine 

exposure group, embryos were placed on the agar injection stage in the buffered tricaine 

solution for 20 minutes, then were transferred to a dish containing system water. The 

vehicle only injection group was anesthetized then received injections of the vehicle 

solution (0.1 mg/ml BSA in system water). The microparticle implantation group was 
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anesthetized then injected with microparticles in the vehicle solution. While injection of 

single microparticles was targeted, a small number of fish did receive up to 5 

microparticles. 

 
Figure 3.3: Workflow diagram of the injection and recovery process. Zebrafish were 

transferred to the injection stage and covered in tricaine anesthetic solution. Single 

microparticles or the vehicle solution were aspirated and injected into the trunks of 3 – 5 

dpf zebrafish embryos. After injection, embryos were transferred to an imaging plate filled 

with tricaine anesthetic, and the implant success was visually determined by fluorescent 

microscopy. Embryos were then sorted into recovery dishes containing fresh system water, 

and maintained until respective endpoints. 

Once the fish were anesthetized, microparticles were aspirated from the microparticle 

reservoir into the beveled microneedle. The microneedle was then positioned above the 

embryos, and lowered until just above the surface of the tricaine solution. Once above the 

surface of an embryo trunk and the “piercing” axis was used. This axis is rotated 45 ° 

from horizontal, and was actuated downward along a combined z and x axis. 

Implantations were performed by turning the fine adjustment knob on the microinjector 

until a microparticle was observed leaving the needle tip. After injections, embryos were 

transferred to the imaging plate and remained stationary until all embryos were injected 
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and transferred.  The imaging plate was transferred to an observation stage of a 

fluorescent microscope (EVOS FL, Thermo Fisher Scientific, Ontario, Canada). Injected 

embryo viability was first checked using transmitted light to observe a heartbeat. Once 

viability was established, the relevant fluorescent channel was chosen to determine if 

injections were successful. Embryos were then transferred to their respective recovery 

dishes and allowed to recover in system water at 28 ºC within an incubator (Thermo 

Fisher Scientific) before imaging at later time points.  

3.5 Histological Analysis of Zebrafish Embryos 

3.5.1 Fabrication of custom zebrafish-array mold 

Histology was performed on zebrafish to examine embryonic and larval tissue around 

microparticle implants. Due to the small size of the embryos (typically 5 – 10 mm in 

length, and 1 – 2 mm in diameter), handling of embryos as individual specimens proved 

technically challenging throughout the histology sample preparation process, and 

precluded the use of an automated processor.  To address this limitation, a custom mold 

was designed, in collaboration with Dr. Carlos Escobedo and Dr. Reza Nosrati (Chemical 

Engineering, Queen’s University, Ontario, Canada), to generate an embryo array in an 

agar template, similar to that previously described in Sabaliauskas et al. [66] . The master 

mold was designed using SolidEdge software (v. 7, Siemens, Munich, Germany) and was 

3D printed using a MiiCraft plus 3D printer out of Miicraft resin (Catalog No. Clear resin 

BV-003, lot 1510-2, Miicraft, Jena, Germany) (Figure 3.4). 
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Figure 3.4: The isometric view of the final CAD drawing for the agar mold, which was 3D 

printed to work with zebrafish embryos in an automated processor.  

Agar templates containing an array of wedge-shaped holes were made by pouring molten 

2% agar into a 100 x 15 mm petri dish. Once cooled to a semi-solid state, the master 

mold was pushed into the agar and left until the agar had fully solidified. After 

solidification, the master mold was removed from the surface, and the agar mold was cut 

out from the surrounding agar.  

3.5.2 Histology Protocol Development 

Following euthanasia, embryos were transferred to 15 mL conical tube containing a 10% 

neutral buffered formalin solution (Cat. No. SF100-4, Fisher Scientific) and stored at 4 ºC 

for 2 hours to overnight. Different formalin incubation times were trialed to obtain the 

appropriate fixation protocol of 2 hours for zebrafish embryos and larvae. After fixation, 

zebrafish were stored in a 70% ethanol solution in RO water for a minimum of 1 hour, or 

a maximum of 7 days prior to embedding embryos in the custom agar tissue-array 

template. Embryos were added to the agar template, and positioned into slots. After 

properly positioning the embryos, a 2% agar solution was gently pipetted on top of the 
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agar template to seal the embryos in place. The template was cooled prior to submission 

to the Queen’s Laboratory for Molecular Pathology, where embryo arrays were 

dehydrated using ethanol and xylene rinses and embedded in paraffin by Dr. Lee 

Boudreau.  

Paraffin-embedded embryos were sectioned using a HM 355S microtome (Cat. No. 

905200, Thermo Fisher Scientific) with MX 35 Premiere+ blades (Cat. No. 3052835, 

Thermo Fisher Scientific). Blocks were serial-sectioned at thicknesses of 7 µm, and 

ribbons were made of at most 5 sections before being transferred to a hot water bath at 45 

ºC. Once sectioned and placed onto microscope slides (Cat. No. 12-550-15, Fisher 

Scientific), slides were put into a dry oven at 60 ºC for 1 hour. Sections were stained 

using a progressive Gill 2 hematoxylin (Cat. No. 28-601-08, Fisher Scientific) and eosin 

(Cat. No. SE23-500D, Fisher Scientific) (H&E) stain. Slide-mounted tissue sections were 

deparaffinized and rehydrated using a series of D-Limonene (Cat. No. 89370-092, VWR, 

Ontario, Canada) and ethanol solutions prior to H&E staining, dehydrating and sealing 

with a D-Limonene based resin. Briefly, slides were soaked in D-Limonene (3 x 4 

minutes), passed through an ethanol dilutions series (100%, 85% and 70% in water, 

dipping slides 12 times in each ethanol solution) and soaked in tap water for 5 minutes. 

Slides were stained with Gill 2 Hematoxylin for 2 minutes and then soaked in tap water 

for 5 minutes. Slides were then transferred to 90% ethanol for 1 minute before being 

counterstained in 10% Eosin for 90 seconds. The stain was differentiated in 90% ethanol 

for 90 seconds. After differentiation, the tissues were dehydrated by reversing the 

previous rehydration step, beginning with 70% ethanol and ending with 100% D-

Limonene. After dehydration, slides were sealed with a coverslip in D-Limonene based 
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resin (Cat. No. O8015, Sigma-Aldrich) and dried for 24 hours. Imaging of H&E stained 

section was performed using a bright field microscope with color camera  (EVOS XL, 

Thermo Fisher Scientific).  

3.6 Statistical Analysis  

The standard error of the proportion (SEP) was calculated for the success and retention 

percentages for each condition. The SEP and sample size were then used in a one-way 

analysis of variance (ANOVA) with Tukey post-hoc multiple comparison analysis. Prism 

software (v 5.01, Graphpad, California, USA) was used for the one-way ANOVA and 

Tukey post-hoc test. 

Kaplan-Meyer survival curves were generated using Prism software (Graphpad). 

Statistical analysis of survival curves was performed using the Log-Rank test. Embryos 

that were intentionally euthanized as an experimental endpoint were denoted as 

“censored” subjects, and were not considered as measurements of loss in viability. 
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Chapter 4 

Results and Discussion 

4.1 Biomaterial Implant Model Development in Zebrafish Embryos and Larvae 

Zebrafish possess many advantages as a model organism, such as optical transparency, 

high fecundity and simple egg collection due to external fertilization [34]. However, there 

are also several technical challenges that were addressed in the development of a protocol 

for solid polymer microparticles implantation. These included the small size of zebrafish 

embryos and larvae that necessitated the use of microinjection techniques for 

microparticle implantation, changes in the physiological properties of zebrafish as they 

transition from egg to adult, and the natural die-off periods present within the 

developmental cycle.  

To support the development of a zebrafish implant model, a zebrafish colony was 

established at Queen’s University to provide a consistent source of zebrafish embryos. 

First, a population of wild-type Tübingen (TU) zebrafish was established, and these TU 

adults were used to generate the embryos used in this study. More recently, transgenic 

zebrafish with GFP-labeled macrophages Tg(mpeg: eGFP) and neutrophils Tg(mpeg: 

eGFP) were introduced into the colony, enabling transgenic embryo collection for 

preliminary fluorescence microscopy examination of microparticle injections.  

4.1.1 Selection of developmental stage for injection 

To develop a reproducible model for microparticle implantation in zebrafish embryos, the 

early development of zebrafish was examined to identify an appropriate injection 

window. Upon collection at approximately 2 hours post fertilization (hpf), zebrafish 
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embryos consisted of a collection of 32 to 64 cells enclosed within a protective chorion 

(Figure 4.1a).  Natural dechorionation of embryos consistently occurred by 3 days post 

fertilization. Prior to dechorionation, targeted injection was technically challenging as 

these embryos were tightly curled upon themselves. Piercing the chorion itself was also 

challenging, as it tended to roll under the pressure of the piercing microneedle. Finally, 

the innate immune system develops between 2 and 3 dpf [25]. Consequently, injections 

prior to 3 dpf may increase the variability in the observed responses to implanted 

materials (Figure 4.1b).  The upper limit for embryonic injections was determined to be 5 

dpf, as the development of scales in wildtype zebrafish after this time point impeded the 

use of borosilicate microneedles (Figure 4.1c) [71].  

 
Figure 4.1: Representative images of relevant zebrafish stages of development. At 2 hpf, a 

thick chorion enclosed the developing embryos, which consisted of a yolk sac and rapidly 

dividing cluster of cells. By 3 dpf, embryos had hatched from the chorion and were 

approximately 3 mm in length. Distinct anatomical features were apparent, including the 

head, eyes, yolk sack and trunk. At 5 dpf, the embryo has increased in length to 5 mm, and 

the yolk sac was visibly reduced, with a rudimentary gut system taking its place. 

Additionally, pigmentation begins developing along the trunk of the zebrafish, marking its 

transition to a larva. 

Furthermore, embryos began to develop pigmentation along the trunk of the larvae after 5 

dpf, which interfered with visualization of the implants in wildtype embryos. Based on 

1000 µm 1000 µm 

1000 µm 
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these collective observations, the range of 3 - 5 dpf was targeted for microparticle 

injection by pulled borosilicate microneedles.  Given the high fecundity available to 

zebrafish and the ability to perform injections with disposable, borosilicate needles, the 

three day injection window provided ample time to perform upwards of 30 manual 

injections per week. 

4.1.2 Natural die-off periods 

The natural developmental cycle of zebrafish included an observed series of natural die-

off points, as zebrafish progress from the embryonic to juvenile stages. Embryos reared 

within the Queen’s colony demonstrate two main die-off periods that occur at 

approximately 24 hpf, and between 12-15 dpf. The 24 hpf die-off period was attributed to 

poor fertilization and genetic defects [34]. The embryo loss during this early die-off 

period was highly variable, with an average mortality of 25%. However, some instances 

of 100% mortality were observed. The early die-off period was consistent with 

experiences at other zebrafish colonies, although reported die-off rates were as low as 

23% [105]. The second natural die-off period occurred between 12 and 15 dpf. At this 

point in zebrafish development, the gut system is the sole source of nutrition, and the 

nutritional demands increase dramatically as the zebrafish begin increasing their size and 

activity level [70]. While the percent of embryos lost due to the natural die-off periods in 

development vary among breeding events, it was determined that collecting and rearing 

33% excess embryos was recommended to account for the initial 24 hpf die-off period. In 

experiments that extend beyond 12 dpf, an additional 10% should be included in 

experimental condition replicates to account for the expected loss of fish during the 

second die-off period.  
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4.2 Microneedle Pulling and Beveling 

4.2.1 Microneedle Pulling Programs 

In addition to determination of an appropriate age range for microparticle injections 

during the embryonic/larval stage, it was necessary to establish microneedle pulling and 

beveling parameters to obtain appropriate needle shapes and sizes for microparticle 

injections. Several factors were determined to play critical roles in injection, and needle 

pulling was adjusted to improve these factors. The microneedle taper length and tip 

diameter was tuned by adjusting the following parameters on the microcapillary puller: 

heating temperature, pull distance, pull force, and delay between pulling steps (Table 

4.1).  

Table 4.1: Microcapillary pulling parameters and associated effects on final microneedle 

taper and tip size. 

Pulling Parameter Effect on needle shape, if increased 

Heating temperature Longer, finer taper 

Pull distance Smaller tips 

Pull force Smaller tips 

Delay between steps Shorter taper 

Furthermore, pulling programs that involve multiple steps can be used to fine-tune needle 

shape and size. For microparticle injection, a needle with a long taper and relatively large 

microinjection needle tip was desired (when compared with microneedles pulled for the 

injection of solutions) to accommodate the aspiration and ejection of microparticles with 

10 – 50 m diameters. Therefore, a final pulling program was developed to produce both 

a long taper and a final unbeveled needle size of 10 µm or less. Establishing a consistent 

initial microneedle shape enabled the application of a simplified beveling protocol for 
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obtaining needle orifices of varying diameters to accommodate a wide range of 

microparticle sizes.  

Based on the relationship between parameters, three initial programs were developed and 

the resulting microneedle shapes were compared (Table 4.2). A detailed description of 

the three pulling programs is provided in Appendix A. A final pulling program was 

selected based on desired traits. Pulling program “A” generated needles with a short taper 

(1600 um) and a relatively large tip (approximately 10 µm). While this large microneedle 

tip allowed for faster beveling of larger needles, the short taper caused rapid changes in 

the orifice diameter with small changes in bevel height. This coarse control made 

targeting a desired final needle bore opening difficult. Pulling program “B” was a 

modification of Program “A”, in which the pulling force and the delay between pulling 

steps were increased, but the heat and distance were decreased. As expected, these 

parameters changes produced a needle with a larger final tip size (50 um) and shorter 

taper (1200 um), compared to program “A”. While the large tip reduced the overall bevel 

time necessary obtain a large (i.e. 100 m) opening, these needles were too large for the 

injection of microparticle under approximately 50 m in diameter. In pulling program 

“C”, the heating temperature and the pulling distance per step was maximized based on 

program “A”. This program produced microneedles with a long taper (2000 m) and tip 

size of approximately 1 m. The long taper provided the equivalent of a fine control on 

beveling, while the fine tip allowed for needles to be used for microparticles of all sizes 

used for this study.  As this pulling program produced needles with the desired shape and 

size, it was selected to produce microneedles used in microparticle injections. 
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Table 4.2: The representative images and results of the three pulling programs used to 

produce microneedles. Representative images are included for each program. 

Program Needle 
Taper 

length 
Tip size Notes 

A 

 

1600 m 10 m 

Short taper caused rapid 

changes in the orifice diameter 

with small changes in bevel 

height 

B 

 

1200 m 50 m 

Needle orifice was too large for 

tight control of small (10 m) 

microparticles 

C 

 

2000 m 1 m 

Long taper provided excellent 

control of orifice diameter 

during beveling. Small needle 

tip accommodated for all 

microparticle sizes 

4.2.2 Microneedle Beveling 

After needle pulling, needle tips were beveled to obtain orifices of specific diameters and 

bevel angles. While it is possible to break the needle using a straight razor, this can lead 

to variable needle tip diameter and jagged orifices, which affects the aspiration and 

injection of microparticles. Beveling, however, provides consistent needle openings, with 

well-defined and smooth piercing edges (Table 4.3). For this work, initial orifice to 

microparticle diameter ratios were targeted at 2 to 1. This initial selection was to ensure 

400 µm 

400 µm 

400 µm 
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that aspiration of microparticles could be performed with ease, while simultaneously 

reducing the chance of clogging within the microneedle.   

It was observed that some beveled needles had a non-uniform grinding edge, such as the 

50 µm bevel size imaged (Table 4.3).  This was believed to be caused by a wearing down 

of the diamond grinding plate over time, and can be addressed by adjusting the point on 

which the needle is beveled for future microneedles. However, this wave pattern still 

provided an adequate piercing point. Variations in bore size for injections were 

minimized by eliminating needle bore sizes that were 5 µm larger or smaller than the 

targeted size. 

The three bore sizes (20 m, 50 m and 100 m), and their associated microparticles (10 

m, 25 m and 50 m, respectively), were used for injections into zebrafish embryos as 

described in 3.4.4. Needles were used for an average of 5 injections before being replaced 

with a fresh needle. While clogging with microparticles was minimal, debris from 

zebrafish tissue did accumulate in the needle tip and resulted in needle clogging after 

repeated injections.  

4.3 Microparticle Injection in Zebrafish Larvae 

Commercially available, fluorescently-labeled polymer microparticles with diameters 

ranging from 10 – 50 m (Table 4.3) were injected into the trunks of 3 – 5 dpf zebrafish 

larvae to assess injection success rates, larvae survival and microparticle retention rates, 

as a function of microparticle diameter. Microparticle materials were selected based on 

criteria described in 2.4.1. All of the data in this section reflect the cumulative injections 

that were performed over the 32 weeks of the study. 
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Table 4.3: The microparticle diameter and beveled needle orifice used for microparticle 

injections in zebrafish embryos, with representative images of the microparticles and 

beveled needles. 

Microparticle  

Size, Polymer, and Marker 
Beveled Needle Orifice 

10 µm, 

Poly(styrene),  

DAPI marker 

 

20 µm 

 

25 µm, 

Poly(ethylene), 

Texas Red marker 

 

50 µm 

 

50 µm, 

Poly(ethylene), 

Texas Red marker 

 

100 µm 

 

4.3.1 Implantation Success Rates 

The implantation success rate was defined as the number of successful injections (i.e. 

number of zebrafish with an implanted microparticle) per total attempted injections, 

measured immediately post injection (Figure 4.2). The highest success rate was observed 

with the 10 µm microparticles at 33%, while the 25 and 50 m microparticles had 

success rates of 16% and 11%, respectively.  

 

100 µm 

100 µm 

100 µm 

100 µm 

100 µm 
100 µm 
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Figure 4.2: The implantation success rates as a function of microparticle diameter. Injection 

success was determined by visual confirmation of an implanted microparticle immediately 

post injection. A summary table of the number of replicates for each condition is listed 

below the graph. Data represented as percent success ± SEP, ***p<0.0001 determined via a 

one-way ANOVA and Tukey’s post-hoc multiple comparisons test. 

The success rates had low standard errors of proportion (SEP) due to the large number of 

replicates for each microparticle size (10 m diameter: n =55, SEP = 0.063; 25 m 

diameter: n = 53, SEP = 0.052; 50 µm diameter: n = 77, SEP = 0.037). One-way analysis 

of variance (ANOVA) with a Tukey post-hoc test determined that microparticle diameter 

had a significant effect on implant success rates (p < 0.001). This suggested that 

increasing microparticle sizes resulted in decreased success rates for the given 

microparticle range tested.   

While the observed success rates were lower than expected, large numbers of zebrafish 

embryos can be obtained with relative ease and low cost, compared to rodent models 

[34]. Therefore, sufficiently large numbers of implant replicates could be achieved by 

increasing the total number of attempts, despite the low success rates. Furthermore, it 
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may be possible to improve implant success rates with further refinement of injection 

techniques, such as using a smaller needle bore to microparticle ratio.  

4.3.2 Implantation Retention 

While success rates were measured immediately following implantation, we also 

observed an unexpected loss of implanted microparticles following the initial 24 hour 

period. Consequently, the retention of microparticles within the implant site beyond 24 

hours post implant (hpi) was investigated as a function of microparticle size. 

Microparticle retention was defined as the percent of successful implants that remained 

present within the implant site 24 hpi (Figure 1.9). Retention measurements were only 

performed with the successful implantations, with each group having greater than 6 

replicates. While microparticles with smaller diameter (10 and 25 µm) had retentions of 

78%, the large 50 m microparticle implants had only 11% retention. Furthermore, 

statistical analysis demonstrated a significant difference between the 50 µm 

microparticles and the two other groups (p < 0.0001). This suggested that, unlike success 

rates that decreased with increasing microparticle diameter, retention of the 50 m 

microparticles was particularly problematic. The expulsion of microparticles may have 

occurred through either a passive or active mechanism. The passive mechanism describes 

a process in which the microparticle works its way out of the wound, along the injection 

path, based on its relative size and location to the wound site. The active mechanism, 

however, is described by an immune response, in which fibrous tissue forces the 

microparticle to the surface of the skin, and eventually expels it, similar to a splinter in 

humans [57]. 
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Figure 4.3: Retention rates after 24 hpi. Retention rates were determined by examining the 

implants 24 hpi. Implants that were no longer present were considered “lost”. A summary 

table of the microparticle size (µm), initial successful implants and number of 

microparticles retained after 24 hpi. Data represented as percentage ± SEP, ***p<0.0001 

determined via one-way ANOVA and Tukey’s post-hoc multiple comparisons test.   

The active mechanism of expulsion has been observed in other fish models, such as 

catfish, in which a fibrous formation developed internally to the implant (such as a 

tracking device) and slowly forced the implant out through the surface of the skin, at a 

location distant from the original implant wound [57].  In our study, one microparticle 

expulsion event was partially captured by microscopy, demonstrating the movement of 

the particle from the initial implant location (2 hpi) to the surface of the zebrafish (24 

hpi), before it was expelled from the tissue and no longer visible within the wound site 

(26 hpi) (Figure 4.4). 
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Figure 4.4: A time series of microparticle expulsion over 26 hpi in a Tg(mpeg: GFP) 

zebrafish embryo. The white dot represents a 25 µm PE microparticle labelled with Texas 

Red. 

Retention was discovered to be a major issue in larger implants as experiments continued. 

Loss of microparticles post implantation enhanced the already low success rates when 

attempting to assess viability out to 30 dpi. Similar to low injection success rates, 

microparticle retention numbers, can be increased by increasing the number of injections 

performed. However, the combination of low retention and implant success observed 

with the 50 m microparticle size suggested that the implant or associated wound size 

may be too large, and are not acceptable for implantation in zebrafish embryos.  It may be 

possible to improve retention rates by decreasing the needle orifice (and therefore, wound 

size) used to inject the 50 m particles. Alternatively, the use of a tool to position the 

implanted microparticle deep within the implant site post injection should also be 

explored as a method to improve retention. A similar technique was described by Gerlach 

et al., where a whisker tool was used to position 50 - 100 m beads within the developing 

zebrafish yolk sac [104].  

4.3.3 Survival Rates of Injected Fish 

One of the key goals in developing the zebrafish microinjection platform was to identify 

acceptable implant sizes and needle bore sizes that avoid significant reduction in viability 

of implanted or injected zebrafish embryos. To examine this, survival curves were 

200 µm 200 µm 200 µm 
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generated for each injection condition (i.e. microparticle vs vehicle only), as well as for 

zebrafish larvae exposed only to the anesthetic tricaine. Fish that received an implant, but 

then did not retain their implants, were tracked as successful implants out to 30 days and 

were not censored. The following data were generated using Tübingen strain wildtype 

zebrafish embryos.  

4.3.3.1 Survival Rates with 10 µm Diameter Microparticle Implantations 

The first condition examined was the 10 µm injection group. Injections were performed 

with 10 µm DAPI-labeled poly(styrene) microparticles suspended in 0.01 wt% BSA in 

water (Figure 4.5).  The associated needle bore size was kept constant at 20 µm.  

 
Figure 4.5: Survival curves for 10 µm poly(styrene) microparticle injections. Vehicle 

injections refer to sham injections that received high purity water and 0.01 wt% BSA, and 

successful injections refer to embryos that received a single implant. Tick marks denote 

sacrifice points, whereas changes in height represent unintended embryo death. No 

significant differences were observed between the three test groups, n = 47 for tricaine 

control, n = 35 for vehicle control, and n = 18 for successful injections. 

Zebrafish larvae that received 10 µm microparticle or vehicle injections had high 

viability, with no deaths occurring after 3 dpi. When compared to the tricaine exposure 

group, no differences among the three groups were identified (p > 0.05). This suggests 
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that the 10 µm implants, as well as the wounds from the 20 µm needle bore, did not cause 

a significant reduction of viability in zebrafish embryos aged 3 to 5 dpf over the 30 dpi 

period. Furthermore, no morphological or behavioral variations were observed in 

embryos that received an implant or a vehicle injection, compared to zebrafish that were 

only exposed to anesthetic.  

4.3.3.2 Survival Rates with 25 µm Diameter Microparticle Implantations 

The next set of conditions tested was 25 µm poly(ethylene) microparticles labelled with 

Texas Red, injected with an associated needle bore size of 50 µm (Figure 4.6).  

 
Figure 4.6: Survival curves for 25 µm poly(ethylene) microparticle implantations. Vehicle 

injections refer to sham injections that received high purity water and 0.01 wt% BSA, and 

successful injections refer to embryos that received a single implant. Tick marks denote 

sacrifice points, whereas changes in height represent unintended embryo death. Significant 

differences were observed between tricaine control and the other test groups (p < 0.001). No 

significant difference was observed between the vehicle control and successful injections. N 

= 47 for the tricaine control, n = 44 for vehicle injection, and n = 9 for successful injections. 

From the survival curve, both the microparticle and vehicle injection group maintain a 

high survival rate up to 12 - 16 dpf. However, at 12 dpf the viability of the microparticle 

implant group decreases suddenly. While the difference in viability between successful 
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and vehicle control injection groups was not statistically significant (p = 0.538), the data 

suggests that the microparticle affects the survival of injected embryos, compared to 

vehicle control, at later time points. The lack of statistical significance could reflect the 

small size of the injection group compared to the vehicle injection group and it is possible 

that increasing the implant replicates would provide conclusive data. Additionally, 

reducing the bore size to microparticle diameter ratio may reduce the loss in viability in 

the implant test group. Future work should investigate this further. However, injections of 

25 µm microparticle or vehicle using the 50 m bore needles caused a significant 

decrease in viability, compared to both tricaine control (p < 0.001) and 10 µm implants (p 

< 0.05). Furthermore, there was no observed behavioral or morphological changes in 

injected embryos prior to death. This sudden death could be explained by a reduced 

ability to swim. At the observed die-off at approximately 11 dpf, which was similar to the 

natural die-off points during development, zebrafish nutritional requirements increase 

[31]. However, the presence of the microparticle in the muscle tissue could be decreasing 

the ability of the zebrafish to swim for its food. In future studies, it may be possible to 

examine this using a softer biomaterial, which would be expected to irritate the 

surrounding muscle tissue to a lesser extent.  

4.3.3.3 Survival Rates with 50 µm Diameter Microparticle Implantations 

The final injection condition used Texas Red-labeled 50 µm poly(ethylene) 

microparticles that were injected using a needle with a 100 µm bore (Figure 4.7). 

Injections using a 100 µm needle bore size significantly decreased the viability compared 

to the 50 µm bore size used in previous studies (p < 0.0001). Furthermore, implantation 
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of 50 µm microparticles further reduced viability, compared to the vehicle injections (p < 

0.0001). 

 
Figure 4.7: Survival curves of 50 µm poly(ethylene) microparticle injections using Texas red 

labelled poly(ethylene) microparticles. Vehicle injections refer to sham injections that 

received high purity water and 0.01 wt% BSA, and successful injections refer to embryos 

that received a single implant. Tick marks denote sacrifice points, whereas changes in 

height represent unintended embryo death.  Significant differences were observed between 

all three test groups (p < 0.0001). N = 47 for tricaine controls, n = 68 for vehicle control, and 

n = 9 for successful injections. 

Zebrafish embryos that received a single 50 µm microparticle did not survive past 3 dpi, 

suggesting that the combination of the 50 µm microparticle and 100 m bore wound 

exceeded the acceptable injection conditions for zebrafish embryos aged 3 to 5 dpf. 

However, injection of 50 m microparticles using a smaller needle bore should be 

investigated to determine if microparticles of this size may be better tolerated with a 

smaller wound. Based on the high mortality rate, poor implant success and poor retention, 

50 m microparticle injections were not pursued further within the scope of this thesis.   
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4.3.3.4 Effect of Needle Bore Size on Embryo Survival 

In addition to comparing the survival curves of successful injections and vehicle controls 

within injection conditions, the effect of needle bore size on embryo survival was 

examined by comparing the survival curves for vehicle controls and the tricaine control 

group (Figure 4.8).    

 
Figure 4.8: Effect of needle bore size on embryo survival. Vehicle injections refer to sham 

injections that received high purity water and 0.01 wt% BSA, which was compared to 

tricaine exposure groups. Tick marks denote sacrifice points, whereas changes in height 

represent unintended embryo death. Significant differences were observed between the 

tricaine exposure and the 25 and 50 µm injection groups (p < 0.001 and p < 0.0001, 

respectively). However, no significant differences were observed between the tricaine 

exposure and the 10 µm injection groups. 

When survival curves for the three vehicle group were compared to specifically look at 

the effect of the needle bore size, it was apparent that the needle bore had a significant 

effect on larvae survival. There were no significant differences between 10 µm 

microparticle injection groups and tricaine control (p = 0.9490), indicating the wound 

size made with the smallest needle bore was well tolerated by the embryos. However, 

there were significant reductions in viability observed as the needle bore increased to 50 

m (p = 0.0004) and 100 m (p < 0.0001), compared to the tricaine control group. These 
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data suggest that embryo viability may be improved by reducing the needle bore 

diameter. In this preliminary study, a needle bore twice the diameter of the microparticle 

was used. However, further experiments should be performed to determine the minimal 

clearance (i.e. difference in diameter) required for microparticle aspiration and injection 

without significant clogging, and the embryo survival using the reduced needle bore 

should be reexamined.   

Another notable observation was that zebrafish yolk sacs exhibited auto-fluorescence at 

450 nm while the zebrafish was anesthetized with tricaine. While the auto-fluorescence 

did fade following embryo recovery from anesthesia, this tricaine-associated auto 

fluorescence effect should be considered when selecting fluorophores and dyes for 

labeling microparticles in future work. 

4.4 Fluorescent Imaging of Labelled Cells and Microparticles in Transgenic 

Fish Lines 

A major motivation for using zebrafish as an animal model for assessing biomaterials is 

the ability to visualize and track cells in vivo using transgenic strains with fluorescently-

labeled cell populations [35, 82]. In the context of host responses to implanted materials, 

the accumulation and persistence of neutrophils and macrophages at the implant site may 

provide a quantitative measure of the innate immune responses to, and therefore 

biocompatibility of, the implanted material. This was recently attempted, and both Zhang 

et al. and Witherel et al. demonstrated the ability to quantify early host immune response 

to implanted biomaterials [30, 32]. While the goal of Zhang et al. was to distinguish the 

host response to microparticle size and chemistry, the results were unconvincing, 

potentially due to the relatively similar microparticle diameters (10 and 15 µm) [30].  
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Two transgenic zebrafish strains with enhanced green fluorescent protein (eGFP) labeled 

macrophages Tg(mpeg: eGFP) and neutrophils Tg(mpx: eGFP) were procured by the 

Fitzpatrick zebrafish colony to explore the innate immune response in zebrafish using 

fluorescence microscopy. While logistical issues with procurement and breeding of these 

strains in the Fitzpatrick colony limited the availability of viable embryos (discussed 

below), some preliminary work with these strains was possible. 

As expected, confocal examination of Tg(mpx: eGFP) embryos showed the presence of 

eGFP-labeled cells with in the vascular system at 4 dpf (Figure 4.9). However, GFP-

labeled cells were not visible in unwounded Tg(mpeg: eGFP) embryos. This is also an 

expected observation, as the mpeg promoter is specific to macrophages, rather than 

monocytes, which would not be present in the absence of an inflammatory stimuli [35, 

106].  

 

Figure 4.9: Confocal Image of Tg(mpx: eGFP) at 4 dpf. (Left) GFP image of neutrophils 

present in bloodstream of uninjured 4 dpf zebrafish embryo. (Right) overlay image of 

neutrophils (green) in bloodstream of 4 dpf embryo with transmitted light giving context to 

tissue location. 

150 µm 150 µm 
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Preliminary injections of 25 m Texas Red-labeled microparticles were performed in 

both transgenic strains. Microparticles of this size were selected due to improved success 

rates and ease of manipulation with the microinjection system compared to 50 µm and 10 

µm microparticles, respectively.  

The implanted biomaterials were easily detected post fixation, without any further 

modifications to the tissue. Two implanted microparticles were observed in situ 1 dpi 

within a 4 dpf Tg(mpx: eGFP) embryo using confocal microscopy (Figure 4.10). In 

addition, two GFP neutrophils were identified within the trunk tissue approximately 10 

µm from the microparticle, suggesting these cells had exited circulation and were 

migrating towards the implant. However, this contrasts with other publications, in which 

significant neutrophil infiltration was observed at the surface of the microparticle at 1 dpi 

[30, 32]. However, our observations are quite preliminary, with only a single imaging 

series being taken for one implanted embryo. 

 
Figure 4.10: A confocal image series of a Tg(mpx: eGFP) embryo with 2 25 µm polyethylene 

microparticles  (red) with neutrophils labelled in green 1 dpi. (Left) 2 microparticles 

embedded in the tissue of a 1 day post injection embryo. (Middle) a fluorescent overlay 10 

µm deeper in the tissue from the microparticle with neutrophils in green. The signal in the 

GFP channel was enhanced to more clearly show the neutrophils. (Right) A transmitted 

overlay of the surrounding tissue of the embryo with microparticles visible. 

150 µm 150 µm 150 µm 
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However, injections of individual, 25 µm poly(ethylene) microparticles in the 

macrophage reporter strain clearly demonstrated an inflammatory response to the 

microparticle. Immediately post injection, there was a detectable presence of GFP-

labelled macrophages in the tissues surrounding the implant site (Figure 4.11).   

 
Figure 4.11: A 3 dpf Tg(mpeg: eGFP) embryo injected with a 25 µm Texas Red labelled 

poly(ethylene) microparticle. (Left) The microparticle (red) is embedded in the trunk of the 

zebrafish embryo, with macrophages (green) surrounding the site, with minimal infiltration 

at 30 minutes post injection. (Right) a 3-channel overlay with the previous fluorescent 

channels present, with a transmitted overlay to give context to the injection site. 

While the macrophages were present around the wound site, there was low infiltration of 

macrophage in the area immediately around the microparticle. However, unlike current 

mammalian models, which demonstrate a slower macrophage accumulation, after 2 hpi, 

macrophage recruitment increased dramatically at the wound site (Figure 4.12). This 

early interrogation of the biomaterial surface agreed with the reported inflammation 

timelines in the recently published studies on microparticle implantation in zebrafish 

embryos [30, 32]. However, the injected embryos did not survive beyond 1 dpi, which 

limited our ability to compare the response in our model to what was reported in these 

two studies. 
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Figure 4.12: A 3 dpf Tg(mpeg: eGFP) embryo injected with a 25 µm Texas Red 

labelled poly(ethylene) microparticle. (Left) At 2 hpi, a large influx of macrophages 

(green) appear to be infiltrating the wound site and interrogating the surface of the 

microparticle (red). (Right) A 3-channel overlay with the previous fluorescent 

channels present, with a transmitted overlay added to give context to the injection 

site. 

Both strains used in this study required a long adjustment period after shipping, and egg 

numbers were greatly reduced compared to their wildtype counterparts. This issue may 

have been caused by several factors, which include water quality in the static quarantine 

tanks, the advanced age of the received transgenic breeding stock, and potential 

environmental factors, such as fluctuation of room temperature and interruption of light 

cycle due to ongoing construction in the animal care facility [34, 72]. To address these 

issues, fish were kept quarantined as per the animal care protocol, but daily water 

exchanges were performed to maintain optimal water quality. Additionally, the initial 

batches of embryos produced from successful breeding were reserved for the sole 

purpose of colony expansion. As these new embryos are reared to breeding age, they are 

expected to provide a more consistent source of embryos than the older stock [34]. 

Finally, adjustments have been made within the colony room to decrease temperature and 

air flow fluctuations caused by building maintenance and renovation. With these changes, 

there has been a successfully established breeding stock of Tg(mpx: eGFP) for the 

200 µm 200 µm 
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Queen’s University zebrafish core. However, the age of the Tg(mpeg: eGFP) has proved 

challenging to overcome. When received, Tg(mpeg: eGFP) adults were 24 months old, 6 

months past their ideal breeding age range [34]. Consequently, the limited viable 

embryos that were generated from this first generation of Tg(mpeg: eGFP) were reared in 

the colony to provide a second generation, which can be used as breeders once they reach 

adulthood.  

4.5 Histological Analysis of Zebrafish Embryos 

Histology and immunohistochemical techniques are frequently used to examine the host 

response in implant models, as they permit staining of tissues and cells while retaining 

information about the relative location and tissue structure surrounding the implant [16, 

65]. However, due to the size and delicate nature of the zebrafish embryo tissue, 

histological assessment of zebrafish embryo tissue was technically challenging and 

specific histological techniques had to be developed for zebrafish embryos and larvae. 

First, a mold for generating embryo arrays was developed to enable processing of 

embryos using an automated processor, while keeping embryos organized and aligned. 

Then, fixation, sectioning and staining protocols for the embryo array were developed to 

improve the cohesion of the delicate embryonic tissue, which was easily disrupted or 

destroyed using conventional histology protocols. 

4.5.1 Embryo Tissue Array  

A master mold containing 50 imprint slots was 3D printed using a Miicraft 3D printer 

and clear resin BV-003 provided by the Escobedo group at Queen’s University (Figure 

4.13a). In addition to improving the quality of the processed tissue, the mold provided a 

more efficient histology process by allowing up to 50 embryos to be processed, 
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sectioned, and stained simultaneously. The master mold generated had high reusability 

with only simple washes in water necessary to remove residual agar before being used 

again, and can be stored at room temperature without the risk of deformation of the 

templates. As described in 3.5.1 this mold was used to generate an agar mold, which was 

then filled with embryos, covered with agar, and processed as a tissue block for histology 

using an automated processor (Figure 4.13b). 

The agar mold retained all 50 templates after removal of the master mold, exhibited 

limited tearing and was pliable.  After removal of the master mold, excess agar around 

the molded features was trimmed, leaving a raised lip around the templates to confine the 

agar overlay following embryo positioning within the wedge-shaped depressions (Figure 

4.13c). The agar mold kept the embryos organized in an evenly spaced array and oriented 

along the same plane (Figure 4.13d).  

 
Figure 4.13: The workflow of the improved histology embedding process. A) The master 

mold 3D printed for embedding purposes. B) The pre-cut agar mold used for histology 

processing. C) An agar mold with fish present in the top left of the image, covered in agar. 

D) Post-paraffin embedding of the histology mold prior to sectioning. 
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Furthermore, it improved tissue cohesion during the processing stage, which is an 

important factor when examining tissue for damage caused by injections and implants. 

4.5.2 Fixation protocol for zebrafish embryo and larvae  

The intended application of histological and immunohistochemical analysis of zebrafish 

embryo and larvae was to examine cell recruitment around implants in wild-type fish, and 

differentiate between fibrous and non-fibrous tissues [65]. As such, hematoxylin and 

eosin (H&E) staining was used as a basic test stain, as it can highlight these key features 

[107]. However, while well established in other animal models, the ability to maintain 

tissue cohesion within embryos and larvae over the histological process was a significant 

challenge. Although agar embedding improved the tissue cohesion to a degree, there were 

issues with muscle fibers becoming torn or ripped during sectioning, which would 

prevent identification of implants or injection sites in the trunk of embryos in future 

studies (Figure 4.14a). Typically, tissues prepared for histology are first fixed in 10% 

formalin for up to 12 hours prior to processing and embedding in paraffin [65]. However, 

due to the small size of the embryos, it was determined that this resulted in “over-

fixation” of the tissues, which causes the tissue to become brittle and causing subsequent 

damage in later stages of processing and staining.  By reducing the fixation time, tissue 

cohesion within muscle fibers was vastly improved, with little to no tearing visible 

(Figure 4.14b). 
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Figure 4.14: H&E staining of muscle tissue from the trunk of zebrafish larvae. A) Tissue 

fixed in formalin for 12 hours resulted in poor tissue cohesion. B) Muscle tissue of a larvae 

with a formalin fixation time of 2 hours yielded improve tissue cohesion that preserved the 

overall tissue structure to a greater extent that the extended 12 hour fixation. 

In addition to improving the muscle fiber cohesion in sections of the trunk, this adjusted 

fixation time also proved delicate enough to allow for identification of the developing 

organs and tissues within the zebrafish embryos, including the rudimentary gut system, 

heart, brain and cartilage (Figure 4.15). 

 
Figure 4.15: H&E staining of zebrafish larval tissue with agar embedding and reduced 

fixation times. A) The rudimentary gut system of a 12 dpf larva. Gut tissue is visible as the 

soft, disorganized tissue within the section. B) A section of a 14 dpf larva with preservation 

of delicate tissues, including a tricuspid heart valve (black arrow), developing brain (white 

arrow) and evidence of a developing skeletal system (white star), which is characterized by 

chondrocytes following the traditional jaw line of the zebrafish.  

100 µm 100 µm 

100 µm 100 µm 



 

70 

 

The ability to preserve the delicate structure of a tricuspid heart valve, as well as 

identifiable cell nuclei of chondrocytes, demonstrates the improvements of our 

histological methodology that will enable the histological evaluation of implant host 

responses in future studies.   

Preliminary progress was also made in identifying wound sites and implants associated 

with injections (Figure 4.16). While only short-term examinations were possible due to 

poor microparticle retention, evidence of tissue damage was visible by H&E staining. 

H&E staining of injected larvae suggests that the wound site is identifiable at 9 dpi, as 

characterized by the disrupted tissue structure within the larvae’s trunk (Figure 4.16a). 

The deformation along a pattern that is nearly perpendicular with surrounding tissue 

suggests a driving force that pulled tissue into a trench like formation. Followed by a 

“bulb” where the implantation occurred. The implant had been expelled in this embryo 

prior to fixation. Furthermore, the ability to clearly identify a 10 µm PS microparticle 

present within the tissue suggests that histological analysis can be performed on 

specimens that have implants within them (Figure 4.16b). The ability to identify the 

wound site at 9 dpi using histological techniques was significant, as Witherel et al. and 

Zhang et al. reported that injection sites are indistinguishable from surrounding tissue 3 

dpi using confocal microscopy [30, 32].  
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Figure 4.16: H&E staining of a zebrafish trunk following microparticle implantation. A) 

H&E section showing the injection site (white arrow) at 9 dpi.  B) An example of a 10 µm 

poly(styrene) microparticle (red box; inset) embedded in the muscle tissue of a 1 dpi 

embryo.  

The implant observed in Figure 4.16b appears to be surrounded by a thin ring of tissue 

with a different organization compared to oriented muscle tissue. While preliminary, this 

may suggest a host response specific to the surface of the biomaterial, rather than a 

generalized response to the injection. While confocal imaging of embryos provides a 

method of identifying cells around implants, histological assessment of specimens may 

be necessary for the identification of remodeling done post-injection. 

4.6 Model Limitations 

While developing the zebrafish embryo model, several limitations were identified. The 

most critical in evaluating the feasibility and appropriateness of using zebrafish embryos 

as animal models for biomaterial host responses are discussed here. Many of these 

limitations will be addressed in future work. 

The first unexpected limitation was the poor retention of microparticles, which was 

observed particularly for larger implants. The two preliminary studies reporting on 

biomaterial implantation in zebrafish embryos did not address microparticle retention as a 

100 µm 

100 µm 
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potential issue when examining zebrafish host response [30, 32]. While Zhang et al. 

reported decreases in test groups over the course of their study, it was not identified if 

this was caused by mortality, or problems with microparticle retention [30].  

Second, recent publications have highlighted the importance of the interaction between 

the adaptive and innate immune response for the development of FBR [11]. However, 

zebrafish do not exhibit a fully active adaptive immune system until 6 weeks post 

fertilization [69]. This lack of adaptive immunity could preclude the use of embryos to 

study the FBR. But, a fibrous capsule, a hallmark of the FBR, has been observed in adult 

zebrafish, which do have an adaptive immune response [32]. This suggests that adult 

zebrafish may be more appropriate than embryos for study of the FBR, rather than the 

embryo. However, the zebrafish embryo could provide a model of angiogenesis, and 

other regenerative functions that are not easily observable in other models [108].  

Current work was also limited to injections performed with a manual microinjector. 

While this provides control of the number of implants per injection, there can be 

variability in injection volumes. This variability in volume may contribute to the 

mortality in zebrafish at early time points. Witherel et al. and Zhang et al. performed 

microparticle implantation using pneumatic injectors, which provide consistent injection 

volumes, but variable implant numbers [30, 32]. It was determined that the benefits of 

consistent implant numbers outweighed the potential variation injection volumes. 

Consistent implant numbers will enable the comparison of observed host-biomaterial 

interaction across injection groups. While excess injection volume is expected to rapidly 

diffuse from the wound site, it is possible that the variable injection volume may 

contribute to the reduced microparticle retention and viability of embryos. Consequently, 
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methods for standardizing injection volumes with the manual injector are currently being 

explored. Ideally, the manual and pneumatic injection methods should be evaluated head-

to-head to determine which approach provides more control of experimental conditions, 

produces more reproducible data, and is more amenable to high-throughput techniques.  
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Chapter 5 

Conclusions and Recommendations 

5.1  Summary and Conclusions 

The first aim of this thesis was to establish of a self-sustaining zebrafish colony at 

Queen’s University. With over 200 wild-type breeding adults, there is a reliable source of 

embryos, and future work using this model can be carried out without risk of diminished 

colony viability. Furthermore, the initial development of two transgenic populations has 

been undertaken to provide the Fitzpatrick Lab with tools to examine neutrophil 

(Tg(mpeg: eGFP)) and macrophage (Tg(mpx: eGFP))  responses to various factors, such 

as biomaterial implants. Several challenges were observed with these transgenic strains, 

including a higher sensitivity to water quality compared to wildtype zebrafish. While 

establishing this colony, breeding protocols, water quality requirements, and life-stage 

appropriate diets were established, resulting in a well-equipped and trained animal care 

staff, who are now able to maintain zebrafish at all life cycle stages.  

The second aim of this research was the establishment of experimental parameters for the 

implantation of individual microparticles in zebrafish embryos and larvae.  Individual 

microparticles, as small as 10 µm, were successfully implanted via manual microinjection 

into the trunks of zebrafish embryo and larvae aged 3 to 5 days post fertilization (dpf). 

This specific age range was determined by observations in the development of 

recognizable structures and relevant systems, such as the innate immune system, 

pigmentation, and scales [31]. In addition to determining an appropriate age range for 

injection, needle pulling and beveling protocols were established for the generation of 

microneedles used with 10, 25, and 50 µm implants. Initial microneedle orifices were 
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targeted to be twice the diameter of the associated microparticle implant. Implantation 

success and retention, and zebrafish viability were assessed in wildtype zebrafish post 

injection using 10, 25, and 50 µm microparticles. Based on these results, it was 

determined that 10 µm implants, and wounds from needles with 20 µm bore sizes, were 

well tolerated by zebrafish. However, 25 µm implants and 50 µm needle bore sizes 

caused a significant decrease in viability compared to tricaine controls. While not 

statistically significant, there was also a notable decrease in viability in zebrafish 

embryos that received 25 µm implants, compared to their associated vehicle injections. 

50 µm implants were not well tolerated by zebrafish, with no implanted animals 

surviving past 3 days post injection (dpi). Preliminary characterization of the transgenic 

Tg(mpx: eGFP) and Tg(mpeg: eGFP) strains was performed using fluorescence 

microscopy, including pilot microparticle implants. In both strains, early transparency 

was sufficient to allow tracking of fluorescently labelled macrophages and neutrophils in 

whole embryos. Furthermore, initial observations demonstrated a significant presence of 

macrophages within 1dpi at the wound site, and at the surface of the biomaterial, like 

recent publications [30, 32]. However, initial observations of neutrophil labelled 

transgenics did not demonstrate large numbers of neutrophils at the material surface, or 

wound site, at 1 dpi, in contradiction with current literature [30, 32].  

The final aim of this research was to develop a protocol for histological analysis of the 

host-biomaterial response in zebrafish embryos. Initial attempts at processing and 

embedding resulted in tissues that were disorganized and hard to identify due to 

degradation. However, a 3D printed mold was generated, and used to form an agar tissue 

array template, which improved tissue cohesion. Furthermore, this mold improved 
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organization of the tissue, and lends itself to improving efficiency of histological analysis 

of future zebrafish studies. Additionally, formalin fixation times were examined to 

further improve tissue cohesion. By reducing the fixation time to two hours, tissue 

cohesion was vastly improved, and typically delicate structures were preserved and 

identified in histological sections.  

5.2 Future Work and Recommendations 

The work undertaken in this thesis provides a basis upon which future refinement and 

studies can occur. Reduction of the targeted bore size to the microparticle diameter ratio 

should be explored to determine if smaller bore sizes can reduce mortality while still 

injecting microparticles effectively. Improving microparticle retention, particularly for 

large microparticles, is essential for long term studies to be conducted with fewer total 

animals. Methods of improvement can include application of surgical adhesive to close 

the injection wound, or the use of a whisker tool to manipulate the microparticle deeper 

into the wound site, immediately post-injection [104]. Once the bore size ratio and 

retention problems have been addressed, survival curves should be repeated to assess 

limitations in implant size specifically, and how it relates to zebrafish viability in long 

term studies.  

This work examined the use of a manual microinjector for the implantation of 

microparticles. While this provided control of the number of microparticles implanted per 

fish, it did not have precise control over injection volumes. Alternatively, pneumatic 

injectors provide precise volume control but can have variable implant numbers. Future 

work should develop a pneumatic injector system to examine the effect wound size has 

on the implantation process, while maintaining a constant injection volume. Furthermore, 
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in the development of a pneumatic system, different vehicles can be developed that could 

allow for the precise control of implantation numbers, such as polyvinylpyrrolidone with 

a molecular weight of 40,000 kDa (PVP 40) [30]. Additionally, a pneumatic injector 

lends itself to a high-throughput system, which would take advantage of the high 

fecundity of zebrafish [34]. As the platform is developed for high-throughput testing, 

advances in micro-scale fabrication can be used to build a microscale device for the 

incubation of individual zebrafish. Such a system could be generated from an optically 

transparent, oxygen permitting material such as polydimethylsiloxane (PDMS), which 

would allow zebrafish to be imaged rapidly and efficiently as they develop.  

Once the injection parameters and techniques for implanting materials in embryos have 

been optimized, further use of transgenic strains of zebrafish should be done to examine 

how macrophage and neutrophils interact with the surface of implants. 

In addition to continuing work with zebrafish embryos, recent publications have 

demonstrated a fibrous capsule around sutures in the trunk of adult zebrafish [32]. Future 

work on the zebrafish platform should assess the potential use of zebrafish adults as a 

model of foreign body reaction (FBR) to various implants. With developments in 

polymer science, research does not need to be limited to examination of sutures. Drug 

releasing implants, injectable polymer solutions, and others can be examined in an adult 

model to characterize the adult zebrafish host response to materials. Additionally, 

interactions between the adaptive and innate immune response, and how they relate to 

host-biomaterial interactions, can be examined in such a model due to the late 

development of adaptive immunity in zebrafish.  
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Appendix A 

Table A.1: Pulling parameters A, B, and C, for the WPI PUL-1000 microneedle pulling 

machine. Heat represents the current passed through the microfilament and can range from 

0 – 999, depending on the glass capillaries being used. Force is a measure of the force 

delivered to the carriage by the solenoid and has arbitrary units ranging from 50 – 400g. 

Distance is the desired extension per step measured in mm; a minimum of 3.5 mm is 

required to cause separation of the microcapillary. Delay is the time between steps, which 

affects the amount the capillary can cool prior to heating. 

Program Step Heat 
Force 

(g) 

Distance 

(mm) 

Delay 

(ms) 

A 

1 550 150 2.00 25 

2 450 170 1.00 40 

3 300 200 0.50 20 

4 200 100 0.50 20 

B 

1 550 150 1.60 35 

2 425 200 0.9 50 

3 300 200 0.4 20 

4 250 130 0.4 20 

C 

1 600 200 2.00 10 

2 550 200 1.00 10 

3 550 200 1.00 0 

 


